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iAbstract
Southern hairy-nosed wombats (SHNW; Lasiorhinus latifrons) rarely breed successfully in captivity,
which has been primarily associated with a dearth of knowledge concerning their reproductive
physiology and behaviour. One approach to better understanding those parameters that might
influence captive wombat husbandry and management is the application of non-invasive techniques
that facilitate evaluation of reproductive and adrenal hormones. Non-invasive urine samples are
ideal for the assessment of both reproductive capacity and adrenal function in captive wildlife
species but robust biological validation is initially required to confirm the reliability of this
information. Once validated, animal behaviour can then be mapped in parallel with urinary
hormone metabolites, and data from spermatorrhoea, to more precisely determine the success or
otherwise of husbandry practices focused on reproductive success. This thesis examined the
efficacy of using urinary testosterone and cortisol in the captive male SHNWs as means of
understanding changes in hormone concentrations with respect to reproductive and adrenal function,
breeding behaviour and social structure.
Enzyme immunoassays (EIAs) were evaluated and validated for their potential to measure
biologically relevant changes in plasma and urinary luteinizing hormone (LH), testosterone
metabolites (UTM) and cortisol metabolites (UCM) in captive SHNWs. GnRH agonist and ACTH
agonist challenges were conducted to validate urinary testosterone (male wombat only) and cortisol
(male and female wombats) EIAs, respectively. Following intra-muscular injection of 8 - 12  g
buserelin (n = 4 males) there was a significant increase in both plasma (P < 0.001) and urinary
testosterone concentration (P < 0.001) 60 min and 21 h after administration, respectively. Plasma
LH levels were elevated (P < 0.05) at 20 min but there was no significant increase found in urinary
LH concentrations after injection. Intra-muscular injection of Synacthen® Depot (250 g) (n = 3
males, 3 females) resulted in a significant increase (P < 0.05) in plasma cortisol secretion after 15
min and in urinary cortisol concentrations 3 h post injection. Sex related differences in cortisol
secretion were also reported in this study. These findings suggest that while urinary LH might not
be an appropriate index for evaluating the reproductive status in captive male SHNW, UTM and
UCM enzyme-immunoassays appear to be suitable for the assessment of captive southern
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hairy-nosed wombat testicular steroidogenic capacity and adrenocortical activity, respectively.
Seasonal variation in physiology and social dynamics of a captive male population of SHNW (n = 6)
were then evaluated using the validated assays. Seasonal changes in urinary testosterone
metabolites (UTM), urinary cortisol metabolites (UCM), qualitative estimates of spermatorrhoea
(QS), aggressive behaviour and reproductive behaviour were measured over an 11-month period.
While there was no effect of month on QS (GLM ANOVA, P = 0.27), reproductive behaviour
(GLM ANOVA, P = 0.19) or aggressive behaviour (Tukey pairwise comparisons), the secretion of
UTM (GLM ANOVA, P = 0.051) was only marginally affected by season, compared to that
reported for wild male southern hairy-nosed wombats. Mean UCM concentrations of July (0.927
± 0.0729 ng/mg Cr) and August (0.941 ± 0.0876 ng/mg Cr) 2016 were significantly higher
(Tukey pairwise comparisons) than those between October 2015 and January 2016 (October: 0.549
± 0.0743 ng/mg Cr; November: 0.528 ± 0.0729 ng/mg Cr; December: 0.535 ± 0.0526 ng/mg
Cr; January: 0.608 ± 0.0435 ng/mg Cr).
To examine the physiology of a perturbation to social dynamics, two trials involving changes in
animal location to different enclosure systems were implemented and behavioural data examined
for each trial over a six week period; UTM, UCM and general behaviours (n = 27) were measured
for each trial. Neither UTM nor UCM concentration varied significantly (P ≥ 0.45) before and after
the relocation of wombats. “Scratching” decreased at the group level following the animal exchange
in both trials, suggesting that this reduction in self-grooming may be a behavioural response to
novel stimuli. UCM and UTM concentrations were both positively correlated with “standing still”
and “body rub” behaviours which may reflect some form of hormonal control over what might be
regarded as a “freezing response” to external stimuli in this species and marking behaviour,
respectively. There was no evidence that changing the social dynamics affected reproductive or
agonistic behaviour or hormone concentrations. It is concluded, therefore that captive male SHNWs
show reduced seasonality compared to their wild conspecifics, and that while animal relocation
created evidence of behavioural responses to novel stimuli, it was not sufficient to affect
testosterone or cortisol secretion, within the context of my study.
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1Chapter 1 - Introduction
1.1 Conservation status of wombats
There are three extant species in the family Vombatidae: the bare-nosed wombat Vombatus ursinus,
the southern hairy-nosed wombat (SHNW) Lasiorhinus latifrons and the northern hairy-nosed
wombat (NHNW) Lasiorhinus krefftii; all three species are large, nocturnal, burrowing herbivores
that are endemic to Australia (Gaughwin 1981).
Figure 1-1: Previous and current distribution of the three wombat species in Australia (Department
of the Environment and Heritage Protection 2015).
Currently, the bare-nosed wombat is primarily distributed in New South Wales, Victoria, Tasmania
and South Australia (Paris et al. 2002), while both hairy-nosed wombats predominantly live in arid
areas (Wells 1989). The southern hairy-nosed wombat mainly lives in South Australia and Western
Australia (Figure 1-1) and its conservation status has changed several times since European
colonization (Hogan et al. 2010a). While they have been previously culled for population control
due to their semi-fossorial lifestyle (Temby 1998) and deleterious impact on agricultural activity
and practice (Ostendorf et al. 2012), they are presently classified as ‘near threatened’ by the
International Union for Conservation of Nature and Natural Resources (IUCN; Woinarski &
Burbidge 2016).
2The northern hairy-nosed wombat is currently listed as a ‘critically endangered species’ (IUCN;
Taggart et al. 2016) and is one of the rarest mammal species in the world. Presently it is estimated
that there are approximately 240 extant NHNWs protected within Epping Forest National Park as
well as a small translocated population of 10 individuals at Richard Underwood Nature Refuge in
southern Queensland, which was established as a secondary colony in 2009 (Department of the
Environment and Heritage Protection 2017). Apart from a single adult male NHNW that was
transported to Western Plains Zoo in Dubbo (Horsup 1999), there has not been or currently exists
any L. krefftii in captivity (S. Johnston Pers. Comm.). While it was previously estimated that there
were only 138 to 160 individuals living in Epping Forest National Park (Hogan et al. 2013), the
most recent population density has increased to an estimate of 240, presumably due to
improvements in management and habitat (e.g. predator and competitor control, fire management
and weed control; Department of the Environment and Heritage Protection 2017); given the
increase in wombat numbers, there has been renewed interest by some researchers to re-investigate
the possibility of establishing a captive colony of NHNWs as per the original recovery plan (Horsup
2004), with the aim of better understanding the husbandry protocols necessary to maintain the
species in care and to explore a more fundamental appreciation of the general biology of this
critically endangered species. This has led to the recent approval of permits to relocate of 4 pouch
young or juvenile NHNWs to Safe Haven Wombat Breeding Center located at Mt Larcom as part of
Australian Animal Care and Education research program (AACE; S. Johnston Pers. Comm.).
1.2 SHNW in captive breeding
The southern hairy-nosed wombat (SHNW) has been kept routinely in captivity since the 1970s
(Jackson 2003; Hogan et al. 2013) but the relatively low rate of captive breeding success has led to
an unsustainable ex situ population of SHNW in Australia (Hogan et al. 2010a; 2013). From 2003 to
2008, the mean recruitment of SHNW in captivity was only 2.5 animals annually, whereas the mean
annual loss rate (i.e. death, release and export) was 7.3 individuals. Given that no second generation
offspring have been born in captivity, the captive population currently appears incapable of being
maintained without recruitment of animals from the wild (Hogan et al. 2013).
3Scarce knowledge regarding physiology and behaviour of this species appears to be a major
contributor for unsuccessful breeding in captivity (Hogan et al. 2013). Previous research indicated
that even regular confirmed matings with paired male and female SHNWs rarely resulted in captive
born offspring (Paris et al. 2002). Furthermore, female SHNWs have often been observed showing
dominant behaviours towards males in captivity, which may also hinder the occurrence of a
successful mating. As a male is always dominant to a female in the wild by pushing her into the
burrow corner to ensure the completion of copulation, a female will often deny the courtship in
captivity if the paired male fails to restraint her appropriately (Gaughwin 1979). Suboptimal captive
facilities may also limit breeding success in this species. There is evidence that the inside of a den
should ideally be between 30 to 45 m2 to allow for the occurrence of copulation and
burrows/tunnels should also be provided in captivity for wombats to perform natural reproductive
behaviours (Hogan 2004). Lack of space will not only limit their normal reproductive performance,
but may also contribute to the development of various stereotypic behaviours in captivity, which in
turn may interfere with reproductive success (Hogan et al. 2009).
1.3 Male reproductive physiology
In male mammals, episodic secretion of gonadotrophin-releasing hormone (GnRH) from the
hypothalamus causes the corresponding pulsatile production of luteinizing hormone (LH) in the
pituitary, resulting in a similar pattern of testosterone release by the Leydig cells in the testes
(Clarke & Cummins 1982; Levine et al. 1982; Caraty & Locatelli 1988), further leading to
spermatogenesis (Hearn 1975; McDonald et al. 1981). GnRH release is stimulated by kisspeptin
(Kiss) via a G protein-coupled receptor (i.e. GPR54; Messager et al. 2005) and kisspeptin is
secreted by Kiss neurons, which are seen as primary gatekeepers of reproductive function (Navarro
& Tena-Sempere 2012). LH secretion is regulated by the frequency and amplitude of GnRH
released from the hypothalamus and the sensitivity of the anterior pituitary to GnRH (Olster &
Foster 1986), whereas the sensitivity of the anterior pituitary is influenced by series of factors such
as the quantity of GnRH receptors it contains, the binding capacity of the GnRH receptors on the
surface of the gonadotroph plasma membrane and the production capacity and storage of LH (Evans
et al. 1991). The circulating testosterone concentration is also controlled by a range of factors
4including metabolism, LH secretion stimulated by endogenous GnRH and the activity of androgen
binding protein in testes (Wise et al. 2000). The hypothalamic-pituitary-gonadal (HPG) axis
functions as a negative feedback system for regulating the secretion of male reproductive hormones
(Bryant 1992).
1.4 Stress physiology
In vertebrates, the hypothalamic-pituitary-adrenal (HPA) axis is essential for coping with
environmental change and successful adaptation (Boonstra 2005; Denver 2009). Before stress
activation, the HPA axis remains dynamic and is involved in regulating normal day-to-day activities
that occur after awakening, including increased locomotion, exploratory and food-seeking
behaviours (McEwen et al. 1988; Reeder & Kramer 2005). Generally in the HPA axis, when the
paraventricular nucleus (PVN) of the hypothalamus is activated by the stimulation signal delivered
from other regions of the brain (e.g. amygdala and medulla oblongata; Herman & Cullinan 1997),
corticotrophin-releasing factor (CRF) and other secretagogues (e.g. arginine vasopressin) will be
synthesized in the PVN and then released into the hypophyseal portal system, which links the
hypothalamus to the anterior pituitary, to stimulate the release of adrenocorticotropic hormone
(ACTH) from the anterior pituitary; ACTH then acts on the adrenal cortex to enhance
glucocorticoid (GC) secretion (Boonstra 2005; Reeder & Kramer 2005). GC mainly includes
cortisol and corticosterone (McLaren et al. 2007); the predominant GC secreted is highly
species-dependent (e.g. cortisol as the predominant GC for the bare-nosed wombat; Weiss &
McDonald 1966). The elevated GC concentrations will in turn inhibit the release of precursor
hormones (CRF and ACTH) by interacting with the intracellular receptors (i.e. GC receptors and
mineralocorticoid receptors) in the brain (de Kloet et al. 1999), and therefore, the HPA axis
performs as a negative feedback system (Denver 2009).
As recently described in Koolhaas et al. (2011), only when ‘the response demands exceed the
adaptive capacity of the organism’, can the elicitor per se (i.e. an environmental condition or
stimulus) be identified as a stressor. GC secretion in response to an acute stressor (e.g. presence of
predator) leads to the mobilization of glucose for the muscles and the stimulation of hepatic
5gluconeogenesis, concurrently with elevated cardiovascular tone and sharpened cognition (Boonstra
2005). However, chronic stress may also cause inhibition in reproductive and immune systems
(Lane 2006); specifically, stress induced CRF secretion will suppress the pulsatile secretion of
GnRH in the hypothalamus via binding to the CRF1 receptor on the gonadotroph (Figure 1-2),
resulting in the subsequent down-regulation of LH secretion (Lin et al. 2012) and suppression of
normal reproductive function.
Figure 1-2:Amodel of gonadotrophin regulation by corticotrophin-releasing factor (Kageyama
2013).
For wildlife species, captivity could alleviate potential stressors such as predators, disease, resource
limitations and exposure to climatic extremes (Wielebnowski 2003); however, a variety of potential
biotic and abiotic stressors may also be connected to the captive environment, including
confinement, inappropriate social grouping, frequent human contact, artificial light/substrates and
alien odours (Morgan & Tromborg 2007). Therefore, investigations into the stress physiology
through measuring GC secretion in captive wildlife could be of great help for improving animal
welfare and conservation outcomes (Hing et al. 2014). However, it should also be noted that
measurement of GC secretion can only be used to suggest the presence of a stressor but not its
impact nor always the nature of the stressor (Wingfield et al. 1997). In the last 30 years, numerous
studies have been conducted to evaluate GC release in captive marsupials in response to a range of
potential stressors, including translocation of animals from the wild into captivity [e.g. brush-tail
possum (Trichosurus vulpecula); Baker et al. 1998; Tasmanian devil (Sarcophilus harrisii); Jones et
6al. 2005], altered social groupings [e.g. sugar glider (Petaurus breviceps); Stoddart & Bradley 1991],
social isolation [e.g. tammar wallaby (Macropus eugenii); McKenzie & Deane 2005], capture stress
[e.g. tammar wallaby; McKenzie et al. 2004], zoo photography encounter [e.g. koala (Phascolarctos
cinereus); Webster et al. 2017], handling [e.g. koala; Narayan et al. 2013], weighing [e.g. southern
hairy-nosed wombat; Hogan et al. 2011a] and health-related factors [e.g. numbat (Myrmecobius
fasciatus); Hogan et al. 2012]. Despite these studies, our general understanding of GC metabolism
and excretion and the drivers that change GC production in marsupials is still limited.
1.5 Hormone metabolism and excretion
Circulating hormones are transported through the blood from the endocrine organs to target tissues
and after eliciting a physiological reaction, most of them will be metabolized by the kidney or liver
in order to make these hormones biologically inert, followed by excretion into animal’s urine or
faeces for elimination. Hormones in urine are excreted generally in a conjugated (water-soluble)
form whereas unconjugated (free) metabolites usually predominate in faeces (Heistermann 2010).
Urine may contain a variety of excreted hormone metabolite of both protein hormones (e.g. LH and
prolactin) and steroid hormones such as estrogen, androgen and GCs (Heistermann 2010).
Compared to steroid hormones, protein hormones are more susceptible to degradation when they
enter into urine, which may make them more difficult to detect. Urinary hormones typically reflect
a previous endocrine status and on average there is a 2-8 hour (species dependent) time lag with
respect to the time of systemic circulation of the hormone until its ultimate metabolism and
excretion (Wasser et al. 1994; Bahr et al. 2000; Möhle et al. 2002). Therefore, it is only with the
correct understanding of urinary hormone profiles and their metabolism and excretion that is it
possible to relate the measurement of urinary hormone metabolites with specific biological events.
Urine sampling can be a useful tool for studying animal physiology due to the range of hormone
metabolites it carries and the fact that it is continuously produced and therefore an ideal sample for
repeated collection, particularly in captivity (Lasley & Savage 2007). Recently, Swinbourne et al.
(2015a) have developed a non-invasive method using operant conditioning to collect captive female
SHNW urine.
71.6 Non-invasive hormone analysis
A non-invasive hormone analysis relies on measuring hormones in biological products other than
blood such as urine, faeces, hair and saliva, among which urinary and faecal analysis are most
widely used (Schwarzenberger 2007; Heistermann 2010). Currently, the enzyme immunoassay (EIA)
is the most common analysis technique used to detect and evaluate hormones and their metabolites
primarily due to its universal adaptability and low material costs (Brown 2008; Sheriff et al. 2011).
In marsupials, an anti-bovine LH antibody (518-B7) has been successfully applied to detecting
plasma LH by EIA in the western grey kangaroo (Macropus fuliginosus ocydromus), the
black-flanked rock wallaby (Petrogale lateralis lateralis) (Matson et al. 2009) and the eastern grey
kangaroo (Macropus giganteus) (Wilson et al. 2013), but there has been no published reports on the
detection of urinary LH in any marsupial species so far. For eutherian mammals, the same LH EIA
has been successfully used to detect both serum [e.g. African elephants (Loxodonta africana);
Graham et al. 2002] and urinary [e.g. bottlenose dolphins (Tursiops truncates); Robeck et al. 2005]
LH surges associated with ovulation, but was unable to detect either spontaneous or GnRH-induced
LH surges in African elephant urine (Brown et al. 2010). Hence, due to species-specific differences
in hormone metabolite excretion (Schwarzenberger 2007), a rigorous biological validation is
required before a non-invasive technique can be applied to studying physiology in a specific
species.
A GnRH challenge can be used as a form of biological validator to explore the suitability of a
specific hormone analysis technique (e.g. testosterone EIA), the efficacy of contraception or in
some cases as a form of ovulation induction prior to artificial insemination (e.g. koala; Allen et al.
2008). Typically in males, a GnRH challenge will be conducted by either intramuscular or
intravenous injection and the concentrations of circulating LH and/or testosterone will be analysed
before and after the hormone administration for comparison (Jawor et al. 2006). There are two types
of GnRH analogs: GnRH agonists (GnRHa) and GnRH antagonists. The effect of using GnRH
agonist can be divided into two phases: the acute phase and the chronic phase (D'Occhio et al.
2000). Within the acute phase, GnRH agonist stimulates the anterior pituitary to secrete LH and
FSH by binding to the receptors on gonadotroph cells, followed by a surge secretion of testosterone
8(Conn & Crowley 1994). This mechanism is similar to natural-sequence GnRH but the effect can
last for several days (Herbert et al. 2004). Previously, Allen et al. (2006) used the GnRH agonist
buserelin (4 μg) to stimulate male koala’s anterior pituitary, which successfully resulted in a
significant increase in plasma testosterone concentrations. Another study (Allen et al. 2008) used
natural-sequence GnRH (30 μg) to assess testicular steroidogenic function in male koalas and the
GnRH injection led to a surge release of LH and a subsequent elevation in testosterone secretion.
Hogan et al. (2010a) firstly achieved biological validation for faecal testosterone measurement in
four captive male southern hairy-nosed wombats by means of a GnRHa challenge. Plasma
testosterone concentrations increased significantly after 45 min of 4 μg buserelin injection and then
peaked after 90 min of GnRHa administration. Correspondingly, faecal testosterone metabolite
(FTM) concentrations were subsequently found to be elevated significantly 2 days after GnRHa
treatment with peak evident 3 days following injection; this result was concluded as reflecting the
steriodogenic capacity of the testes in male SHNWs; similar evaluation of the concentration of
testosterone secretion in urine has not yet been determined.
For physiological validation of analyses designed to assess adrenal function, an exogenous ACTH
challenge can be used to artificially stimulate GC metabolite concentrations in excreted biological
samples that can be subsequently assessed (Touma & Palme 2005; Hogan et al. 2011a). Additionally,
the lag time of metabolism in a specific species (i.e. time between detected hormone change in
plasma and its first appearance in excreta) can also be established by means of an ACTH challenge
if all samples following the challenge for a suitable period (e.g. minimum of seven days) are
collected and analysed (Touma & Palme 2005; Narayan et al. 2010; Vera et al. 2012). Given that
ACTH stimulation has the potential to induce a maximal GC response in mammals (Benhaiem et al.
2012), this phenomenon has been used (either via an exogenous administration of an ACTH agonist
or exposure to known stressors) as a form of biological validation (Fanson et al. 2017). Once
validated on a species by species basis, cortisol and/or corticosterone excretion can then be
examined as a potential index for adrenal function measurement for most wildlife species (Möstl &
Palme 2002; Palme et al. 2005; Sheriff et al. 2011; Fanson et al. 2017).
Hogan et al. (2011a) were the first to validate faecal cortisol metabolites (FCM) analysis in captive
9southern hairy-nosed wombats. For an ACTHa challenge, these authors administered 250 μg ACTH
agonist Synacthen (Novartis Australian Pty. Ltd., Australia) intramuscularly; this resulted in the
elevation of plasma cortisol concentrations 15 minutes later with a peak in concentration 45 minutes
after injection, whereas an increase of faecal cortisol metabolite concentrations did not occur until
three days post ACTHa treatment in all four experimental animals. Thus far, urinary steroid
hormones have yet to be evaluated in any of the wombat species. The current study will aim to
examine the efficacy of analysing urinary cortisol metabolites in the SHNW to determine their
suitability as a reliable indicator of adrenal physiology.
1.7 Reproductive seasonality
There are two breeding patterns defined in mammals: continuous breeding and seasonal breeding
(Lincoln & Short 2013). Continuous breeders can produce offspring at any time of year when
suitable environmental conditions are satisfied, while the sexual activity in seasonal breeders is
confined to a short, defined period of the year (breeding season). Outside of a defined breeding
season, a seasonal breeder’s reproductive system may become inactive, resulting in a reduced or
nonfunctional reproductive capacity (Spinks et al. 1997). Male seasonal breeders, such as the
numbat, often show a distinct reproductive cycle through seasonal changes in reproductive hormone
secretion, reproductive tract weight, size or volume and spermatogenesis (Power et al. 2009).
Many marsupial species are seasonal breeders in order to time the production of pouch young
emergence with the optimal environmental conditions or periods of food abundance for its survival
(Sharman 1970; Tyndale-Biscoe & Renfree 1987). Some species (e.g. Macropus rufus) are
continuous breeders when environmental conditions are favored but they transform into seasonal
breeders when encountering unfavorable conditions such as drought (Newsome 1995). Even in one
species, seasonality may be different between males and females; female tammar wallabies were
considered as seasonal breeders (Renfree & Tyndale-Biscoe 1973) while males were found with full
fertility in the presence of ovulating females at any time of year (Catling & Sutherland 1980).
Comparatively, in numbats, breeding pattern is highly seasonal for both males and females (Power
et al. 2009).
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Most seasonal breeders depend on annual changes in photoperiod to modulate their male
reproductive (Kiss-HPG) axis, and consequently fertility, is regulated by photoperiodic information
via a melatonin-mediated mechanism (Simonneaux et al. 2009; Ansel et al. 2011). Previous studies
have demonstrated seasonal increases in plasma testosterone concentrations in male SHNWs
(Hamilton et al. 2000; Hogan et al. 2010a).
Spermatogenesis is indirectly regulated by two gonadotrophins [i.e. LH and follicle-stimulating
hormone (FSH)] secreted in the anterior pituitary. LH stimulates the release of testosterone from the
Leydig cells, which is responsible for supporting spermatogenesis through influencing the
development and function of Sertoli cells and germ cells, while FSH is crucial for maintaining
normal spermatogenetic capacity of the testis by inducing Sertoli cell division and differentiation
(O'Donnell et al. 2001; Rolland et al. 2009). In marsupials, several dasyurid species cease
spermatogenesis prior to the breeding season, which has been primarily attributed to a defect in
FSH secretion and/or target insensitivity (Bradley 2003); in SHNW, ejaculate volume, sperm
number and sperm motility were reported to increase significantly during the breeding season
(Taggart et al. 2005). Spermatorrhoea has been described as ‘the involuntary escape of spermatozoa
without ejaculation into the urethra’ (Blood & Studdert 1999). Through observations of
spermatorrhoea in urine, Power et al. (2009) suggested captive numbats might undergo aspermia
during the non-breeding season, while Hogan et al. (2010a) reported continuous sperm production
in captive SHNWs.
1.8 Social structure of wild SHNW
Previous studies found that wild SHNW inhabited small but considerably overlapping home ranges,
which were closely associated with their warren system (Wells 1973; Gaughwin 1981; Finlayson et
al. 2005). Moreover, wild SHNWs have also been reported to share warren systems at the same time
(Wells 1973; 1978; 1989; Gaughwin 1981; Finlayson et al. 2005) and it was suggested that by this
means they were able to reduce energy costs associated with the construction and maintenance of
burrow systems (Finlayson et al. 2005). When combined with the observations that males tended to
establish individual territories that overlapped considerably with the home ranges of several females
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and minimally with other males (Gaughwin et al. 1998) and the fact that males have been observed
to perform territorial defense in native pastures (Wells 1973; Gaughwin 1981), one could speculate
that SHNW might establish some type of social structure in the wild. However, it is still unclear as
to the extent of social organization, interactions and affiliations and whether or not social structure
has an effect on mating in the wild. A better understanding of wombat social structure and its
influence on mating and breeding success could provide further insight into whether or not forced
social interactions (e.g. group housing) in captive SHNWs might adversely influence captive
breeding success.
1.9 SHNW behaviour in captivity
Hogan et al. (2009) firstly used a digital remote camera monitoring system to evaluate daily
behaviour patterns by calculating time budgets in a captive SHNW population (n = 8); this work
revealed that captive SHNWs were active during 18.4% of their daily budget, compared with
around 26% in wild SHNWs (Finlayson et al. 2003; 2005). Feeding, stereotypic behaviours and
exploration took up a major part of daily activity in captive SHNWs and little time was used for
burrowing, grooming or sexual activity. The less activity found in captive SHNWs compared to
their wild counterparts was attributed to limited environmental stimulation and a lack of need to
forage for food (Hogan et al. 2009). Secondly, this study reported bimodal peaks in relation to daily
behaviour pattern in all eight animals, with the first peak appearing in the evening (between 1900
and 2000 hours) and the second peak occurring in the early morning (between 0200 and 0400
hours). Finally, Hogan et al. (2009) also noted two typical behavioural patterns based on the high
nocturnal activity performed in this species: one was the alternate resting and active pattern during
the night and the other was the high activity occurring at both dusk and predawn, both of which
coincided with previous studies on wild SHNWs (Wells 1978; Evans 2000).
Hogan et al. (2011b) comprehensively reported reproductive behaviours in captive southern
hairy-nosed wombats using a 24-hour remote camera monitoring system to record the mating
process; these authors divided mating behaviours into six stages, including the investigation phase,
the attraction phase, the chase phase, the restraint phase, the coitus phase and the recovery phase.
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During the investigation phase, males appear to employ increased sniffing behaviour (flehmen
response) perhaps to help identify the onset of oestrus in female SHNWs. Within the attraction
phase, the female appears to elevate sexual interest in the male by using an
‘approach-withdrawal-approach’ strategy. Additionally, the subsequent behaviour of a female was
dependent on the male’s reaction; if the male chased after her and restricted her successfully, they
would move on to the coitus phase, or they would just stay at the attraction or chase phase (Hogan
et al. 2011b). However, it is still unknown if wild SHNWs display the same reproductive behaviours
as their captive conspecifics do due to the challenges of monitoring behaviour in this nocturnal,
warren inhabiting cryptic species (Hogan et al. 2011b).
1.10 Objectives
Southern hairy-nosed wombats rarely breed successfully in captivity possibly due to the lack of
knowledge of their physiology and behaviour or other factors associated with captive management
and environments. In order to obtain a better understanding of their basic biology, non-invasive
techniques that provide additional information on reproductive physiology, behaviour and adrenal
function need to be investigated. Non-invasive urine samples are ideal for assessment of both
reproductive capacity (through both the analysis of hormones and detection of spermatorrhoea) and
adrenal response in captive wildlife species but robust biological validation of hormone analysis
techniques is required to confirm the reliability of the information provided. Once validated, other
potential indices (e.g. animal behaviour) can be mapped in parallel with these urinary hormones.
This thesis focused on investigating the potential to measure urinary testosterone and cortisol
concentrations in captive SHNW as means of understanding changes in the hormone levels with
respect to reproductive and adrenal function. Separate GnRHa and ACTHa challenges were
conducted to validate urinary testosterone and cortisol analysis techniques (enzyme-immunoassays).
Once established, these assays together with behavioural investigations, were applied to explore
biologically relevant events for captive male SHNWs, such as (1) seasonal changes regarding
urinary testosterone and cortisol concentrations, reproductive behaviour, aggressive behaviour and
spermatorrhoea related indices and (2) influences of forced changes in social dynamics within an
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enclosure system on their urinary hormone (testosterone and cortisol) concentrations and general
behaviours to increase our understanding of SHNW physiology and social structure and factors
which may influence captive breeding success.
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Chapter 2 - Measurement of testosterone and cortisol metabolites and luteinising hormone in
captive southern hairy-nosed wombat (Lasiorhinus latifrons) urine
Published version available as:
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(Lasiorhinus latifrons) urine. General and Comparative Endocrinology 250, 70-79.
Abstract
This study reports the validation and use of enzyme immunoassays (EIAs) to measure changes in
plasma and urinary luteinizing hormone (LH), testosterone metabolites (UTM) and cortisol
metabolites (UCM) in captive southern hairy-nosed wombats (Lasiorhinus latifrons). GnRH agonist
and ACTH agonist challenges were conducted to validate urinary testosterone (male wombat only)
and cortisol (male and female wombats) EIAs. Following intra-muscular injection of 8 - 12  g
buserelin (n = 4 males), there was a significant increase in both plasma (P < 0.001) and urinary
testosterone concentrations (P < 0.001) 60 min and 21 h after administration, respectively. Plasma
LH levels were elevated (P < 0.05) at 20 min but there was no significant increase found in urinary
LH concentrations after injection. Intra-muscular injection of Synacthen® Depot (250 g) (n = 3
males, 3 females) resulted in a significant increase (P < 0.05) in plasma cortisol secretion 15 min
and in urinary cortisol concentrations 3 h post injection, respectively. Sex-related differences in
cortisol secretion were also reported in this study. These findings indicate that (1) urinary LH might
not be an appropriate index for describing the reproductive status in captive male SHNW, and (2)
the UTM and UCM assays appear to be suitable for the assessment of the testicular steroidogenic
capacity and the adrenocortical activity in captive southern hairy-nosed wombats, respectively.
2.1 Introduction
In male mammals, episodic release of gonadotrophin-releasing hormone (GnRH) from the
hypothalamus results in the corresponding pulsatile secretion of luteinizing hormone (LH) in the
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pituitary, leading to a similar pattern of testosterone secretion produced in the Leydig cells of the
testis (Clarke & Cummins 1982; Levine et al. 1982; Caraty & Locatelli 1988). The
hypothalamic-pituitary-gonadal (HPG) axis acts as a negative feedback system for the regulation of
male reproductive hormones (Bryant 1992). In a similar physiological negative feedback system,
the hypothalamic-pituitary-adrenal (HPA) axis, corticotrophin-releasing factor (CRF) secreted from
the hypothalamus, stimulates the release of adrenocorticotropic hormone (ACTH) in the anterior
pituitary, which further results in the release of glucocorticoids (GCs) from the adrenal cortex
(Stewart 2000; Möstl & Palme 2002; Young et al. 2004). GC influences almost all biological
processes in mammals and primarily includes cortisol and corticosterone (McLaren et al. 2007).
Altering cortisol secretion can enable the animal to respond appropriately to an acute stressor (e.g.
presence of predator) by modulating its underlying metabolism (Wikelski & Cooke 2006).
Hormones can be detected in a range of biological products such as blood, urine, faeces, saliva,
milk and hair (Hodges et al. 2010; Kersey & Dehnhard 2014). Circulating hormones typically
provide accurate and immediate endocrine information on an experimental animal, so that analysis
of hormone concentration in plasma or serum is often the most reliable method for studying
physiological mechanisms in both domestic and laboratory animals (Lasley & Savage 2007).
Nevertheless, repeated blood collection is often associated with confinement, capture and sedation,
which can elicit a stress response in animals. This phenomenon can lead to confounding
experimental variables that mask or interfere with the very hormone profiles investigators are
attempting to document (Reeder & Kramer 2005). Additionally, regular blood sampling is
impractical for field studies especially for studying wild species (Brown et al. 2010; Kersey &
Dehnhard 2014). Consequently, non-invasive methods are more suitable for studying longitudinal
physiology. A non-invasive endocrine method relies on measuring hormones in biological products
other than blood such as urine, faeces, hair and saliva, among which urinary and faecal analysis are
most widely used (Schwarzenberger 2007; Heistermann 2010; Kersey & Dehnhard 2014). Urine is
an ideal sample for studying animal physiology, as it not only contains protein (e.g. LH) and steroid
hormones (estrogen, androgen and glucocorticoids) (Heistermann 2010), but is also continuously
produced, making it relatively easy to collect (Lasley & Savage 2007). Swinbourne et al. (2015a)
have recently described the non-invasive collection of urine from the captive southern-hairy nosed
16
wombat by means of operant conditioning.
However, before a non-invasive technique can be applied to studying physiology in a specific
species, a rigorous biological validation is required and once validated, this technique will become
an effective tool for helping investigate the biology of this species both in the wild and in captivity
(Schwarzenberger 2007; Kersey & Dehnhard 2014). For physiological validation, a GnRH / ACTH
challenge is a common method for confirming whether the technique is appropriate for detecting
respective changes in LH, testosterone and GC (e.g. Phillips et al. 2008; Keeley et al. 2012).
Moreover, the lag time of metabolism in a specific species (time between detected hormone change
in plasma and its first appearance in excreta) can also be established by means of a hormone
challenge (Fanson et al. 2017).
The southern hairy-nosed wombat (SHNW - Lasiorhinus latifrons) is a large herbivorous marsupial
which is nocturnal, burrowing and endemic to Australia (Gaughwin et al. 1998). Currently, the
species is classified as ‘near threatened’ by the International Union for Conservation of Nature and
Natural Resources (IUCN; Woinarski & Burbidge 2016) and the total free range population of
SHNW has been predicted to decline owing to habitat reduction (Alpers et al. 1998), threats from
predators (e.g. dingoes; Wells 1989), disease (e.g. sarcoptic mange; Ruykys et al. 2009; Sparrow
2009), increased road accidents (Ramp et al. 2005) and climate change (Finlayson et al. 2005;
Kellermann et al. 2009). Southern hairy-nosed wombats have been kept in captivity since the 1970s
(Jackson 2003; Hogan et al. 2013) and several captive breeding programs have already been
established in zoos (e.g. Rockhampton Zoo) and purpose built research facilities (e.g. Australian
Animal Care and Education; Hogan et al. 2010a; Swinbourne et al. 2015a). However, captive
breeding success to date has been limited for this species and the ex situ population of SHNW in
Australia has been regarded as unsustainable (Hogan et al. 2010a; 2013). The lack of basic
knowledge (i.e. behaviour and physiology) of this species is likely to be a major contributor for the
unsuccessful breeding in captivity (Hogan et al. 2013). Due to the nocturnal, burrowing and cryptic
nature of SHNW, it is extremely challenging to monitor their reproduction in captivity (Paris et al.
2002). Non-invasive techniques for studying their basic reproductive knowledge in captivity have
been shown to be beneficial, but further research in this area is urgently required (Paris et al. 2002;
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Hogan et al. 2013). With more information available regarding the endocrinology of this species,
not only will poor breeding success in captivity be improved, but the relevant knowledge and
techniques may also be further applied to the reproduction and genetic management of their close
critically endangered cousin, the northern hairy-nosed wombat (Lasiorhinus krefftii; Paris et al.
2002; Hogan et al. 2013).
The current study focused on establishing a non-invasive method of hormone analysis that could be
applied to investigate both reproductive and stress biology in captive southern hairy-nosed wombats.
To achieve this, we conducted separate GnRH agonist (GnRHa) and ACTH agonist (ACTHa)
challenges in a captive population and then measured GnRHa-stimulated LH and testosterone
changes in plasma and urine as well as ACTHa-induced cortisol changes in plasma and urine,
respectively. The aims of the present study were to (1) evaluate the use of urinary LH, testosterone
and cortisol to detect responses to the corresponding exogenous hormone challenge, (2) validate the
utility of enzyme immunoassay (EIA) for measuring urinary LH, testosterone and cortisol and (3)
estimate the lag time of reproductive and stress hormone metabolism in captive SHNW.
2.2 Methods
2.2.1 Animals and study site
Four adult male SHNWs (M1, M3, M4 and M6) were used for the GnRH agonist challenge
(February 2016) while three adult females (F1, F2 and F3) and three adult males (M1, M3 and M4)
were used for the ACTH agonist challenge (August 2016). M1 was a sexually mature vasectomized
male (8 years of age) while the other animals were sexually mature and intact (6 - 9 years of age).
All wombats were clinically healthy throughout the course of the corresponding hormone challenge
and were housed in two housing structures located in the Safe Haven Wombat breeding facility -
Australian Animal Care and Education (AACE) located at Mount Larcom, Queensland (23.75 o S,
151.00 oE). Each housing structure was internally air-conditioned (23oC) and included eight internal
enclosures each connecting to a respective outside yard. In each enclosure, wombats were allocated
into either pairs (one male and one female) or an individual living chamber but with each animal
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having its own sleeping den. Each enclosure was connected to a fenced outside yard which
contained soil substrate and native grass. Each wombat was fed daily with a mixture of sliced sweet
potatoes, rolled oats, oaten chaff and horse pellets; half a corn cob was provided when available and
water was supplied ad libitum. This study was approved by the University of Queensland’s Animal
Ethics Committee (Approval Number: SAFS/333/15).
2.2.2 Anaesthesia
Prior to anaesthesia, wombats received an intramuscular injection of Zoletil (10 mg/Kg; VIRBAC,
Australia) using a 21 gauge needle. Following recumbency, animals were maintained under
anaesthesia by mask on a surgery table with 1 - 5% isoflurane (Abbott Australasia Pty Ltd, Australia)
at a flow rate of 1.5 L/min oxygen (BOC Health Care, England). Following anaesthesia and
recovery, wombats were placed back into their den and monitored once an hour until they had fully
recovered; all anaesthesia was conducted without incident.
2.2.3 Experiment 1: GnRH agonist stimulation test
Based on the results of a parallel study on the use of a GnRH agonist challenge on female SHNWs,
higher doses of exogenous hormone may be required to stimulate sufficient measurable quantities
of LH from the anterior pituitary (Swinbourne et al. 2015b) than those reported for other marsupial
species such as the koala (Allen et al. 2008). Therefore, in the current study when under general
anaesthesia, M1 and M6 (each body weight < 30 kg) were intramuscularly injected with 8 µg GnRH
agonist buserelin (Receptal, Intervet, Australia) while M3 and M4 (each body weight > 40 kg)
received 12 µg buserelin, respectively; this corresponded to dose of approximately 0.27 - 0.30 µg
per kilogram of body weight. Baseline blood samples were taken at 15 and 5 min prior to the
GnRHa injection but after anaesthesia and 5, 10, 20, 30, 40, 50, 60, 80, 100 and 120 min post
injection. While these wombats were under anaesthesia, urine samples were collected at 0, 15, 30,
60, 90, 120 and 180 min post GnRHa injection. Urine samples were collected approximately 48 h,
24 h and 16 h prior and up to 4 days after the GnRHa challenge using classical conditioning, the
procedure for which has been described for captive female SHNWs by Swinbourne et al. (2015a).
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2.2.4 Experiment 2: ACTH agonist stimulation test
While the wombats were under general anaesthesia, each wombat received 250 µg ACTH agonist
Synacthen® Depot (Novartis®, Australia) by intramuscular injection. Blood samples were taken at
-15, 0, 15, 30, 45, 60, 75, 90, 105 and 120 min with respect to the ACTHa injection. Urine samples
were collected from the anaesthetised wombats at 0, 30, 60, 90, 120, 150 and 180 min following the
ACTHa injection. Urine samples were collected by classical conditioning (Swinbourne et al. 2015a)
approximately 48 h and 24 h prior and up to 3 days post the ACTHa challenge.
2.2.5 Sample collection and storage
2.2.5.1 Plasma
Blood samples (1 mL) were collected by venipuncture from the cephalic vein using a 23 gauge
wing-infuser set (TERUMO, Australia) with a 3 mL syringe. Each sample was transferred into a 1.3
mL lithium-heparin blood tube (Sarstedt, Provet, Australia) immediately after collection and then
stored on ice. For the GnRH agonist challenge, once the last sample was collected, all blood tubes
were centrifuged at 1800 rpm for 10 min. For the ACTH agonist challenge, hemolysis occurred in
all three female blood samples following centrifugation; thereafter static settlement of blood cells (≥
30 min) was used instead of centrifugation. Following centrifugation / static settlement, the plasma
supernatant was removed from blood sample by a 1 mL pipette and allocated into 2 x 1.5 mL
Eppendorf tubes (Eppendorf, Provet, Australia). After labelling, all tubes were maintained at -20 ◦C
until hormone analysis.
2.2.5.2 Urine
While urine samples were collected by classical conditioning (Swinbourne et al. 2015a) before and
after anaesthesia, some modifications were required for the collection of male urine; the primary
difference was that urine could not be directly collected under a male by means of holding a
collection pan underneath the cloacal area, as males are typically more aggressive. Consequently,
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the urine sample was recovered directly from the clean floor using a 10 mL syringe (BD, Australia).
Given that all the experimental wombats had been conditioned to human approach, a period of two
weeks proved sufficient for the training of these animals to urinate by classical conditioning (Z. Du
Pers. Comm.). Using classical conditioning methods, male wombats were trained to urinate in a
common area within their enclosure. Following urination, these males were then locked into their
separate sleeping dens and the urine was collected from the floor - the floor was mopped clean with
only tap water (Heistermann 2010) and dried before each urine collection. After urine collection,
each sample was transferred into a clean 50 mL specimen container and maintained on ice.
Thereafter, 4 mL of urine was pipetted into 2 x 2 mL ProSciTech (PST, Australia) tubes and stored
at -20 oC. When wombats were under anaesthesia, urine samples were collected directly from the
urogenital sinus (females) or penis (males) by placing gentle pressure on the bladder.
2.2.6 Enzyme immunoassay (EIA)
2.2.6.1 LH assay - plasma and urine
LH concentration was determined by enzyme immunoassay (EIA) based on the protocols described
by Wilson et al. (2013) using a monoclonal anti-bovine LH antibody 518-B7 (1:400, 000; provided
by Jan Roser, University of California, Davis, USA). All samples were analysed in duplicate and the
EIA was validated by demonstrating parallelism between serially diluted pooled samples (plasma or
urine) and the standard curve. Dilution rates were determined according to pooled samples that
resulted in 50% binding on the parallelism curve, which was 1:2 for plasma LH and 1:1 (neat) for
urinary LH. The detection limit of the assay was 0.156 ng/mL. The intra- and inter-assay
coefficients of variation (CV) for the LH assay were < 10% and < 15%, respectively. Hormone
concentration in plasma was expressed as ng per mL of plasma.
2.2.6.2 Testosterone assay - plasma and urine
Plasma testosterone and urinary testosterone metabolites (UTM) were measured by testosterone
EIA according to Hogan et al. (2010a) with minor modifications, which has previously been
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validated for measuring faecal testosterone metabolites in captive SHNWs. The assay used a goat
anti-rabbit IgG immobilizing antibody (Arbor Assays®, USA), a polyclonal anti-testosterone
antibody R156/17 (1:120, 000; supplied by C. Munro, University of California, Davis, USA) and a
testosterone horseradish peroxidase (HRP) conjugated label (1:400, 000; C. Munro, UC Davis,
USA). Major cross-reactivities (>5%) for the antibody were testosterone (100%) and
5  -dihydrotestosterone (29%). Parallelism between serially diluted pooled samples (plasma or
urine) and the standard curve was demonstrated. Dilution rates for plasma and urine were based on
pooled samples that resulted in 50% binding on the parallelism curve. The dilution of plasma
samples was 1:8 for all animals. Urine samples were run at 1:12 for M4 and 1:4 for the others (i.e.
M1, M3 and M6). All samples were analysed in duplicate and the assay sensitivity was 0.039
ng/mL. The intra- and inter-assay CV for testosterone assay were 3.1% and 7.5%, respectively.
2.2.6.3 Cortisol assay - plasma and urine
Cortisol analyses were conducted using a modified cortisol EIA based on Arbor Assay Mini-Kit
ISWE002 (Ann Arbor®, Michigan, USA). The assay recruited a polyclonal anti-rabbit cortisol
antibody #C208 (1:50), a cortisol-HRP label #C209 (1:50) and cortisol standards (#C210), which
were provided by the manufacturer while the other materials were in-house prepared (e.g. plates
coated with anti-rabbit IgG secondary antibody and assay buffer, etc.). In brief, 50 µL of standards
(0.05 to 3.2 ng/mL), high and low controls and diluted samples were dispensed in duplicate into a
96-well microtiter plate (Costar Assay Plates - Corning Inc., USA) coated with goat anti-rabbit IgG.
Then 50 µL of cortisol-HRP and 50 µL of cortisol antibody were added into each well. Following a
2-hour incubation with shaking at room temperature, 3,3´,5,5´-tetramentylbenzidine (TMB)
substrate solution was added for colour reaction. The colour reaction was then stopped by
dispensing 50 µL of 4M H2SO4 into each well. Plates were read at 450 nm (reference filter: 630 nm)
on a Biotek microplate reader (Elx808) with Gen5 software (Biotek, USA). Cross-reactivities for
the antibody were reported as: cortisol (100%), dehydrocortisol (42.08%), cortisone (26.53%),
dexamethasone (4.1%), prednisone (3.37%), corticosterone (0.35%), desoxycorticosterone (0.18%)
and tetrahydrocorticosterone (< 0.16%). Assay validation was achieved by demonstrating
parallelism between serially diluted pooled samples (plasma or urine) and the standard curve.
22
Dilution rates for plasma and urine were identified based on pooled samples that resulted in 50%
binding on the parallelism curve. Plasma samples were run at 1:30 for F2 and 1:20 for the others (i.e.
M1, M3, M4, F1 and F3). Urine samples were run at 1:2 for M1, 1:3 for M3, 1:8 for M4, 1:10 for
F1 and F2, and 1:5 for F3. The assay sensitivity was 0.05 ng/mL while the intra- and inter-assay CV
were 2.7% and 8.7%, respectively.
2.2.7 Creatinine assay
Creatinine (Cr) is a byproduct of muscle activity and is excreted in urine at a constant rate (Brown
2008). Therefore, measuring creatinine levels in urine can be used to correct the concentration of
urinary hormone metabolites. In the current study, all urinary hormone levels were standardised by
the corresponding creatinine concentration and expressed as ng/mg Cr. Urinary creatinine was
measured by using a creatinine assay (Cayman Chemicals, USA) based on the reaction with sodium
hydroxide and picric acid (Taussky 1954). In brief, 100 µL of creatinine standards (0.0005 - 0.03
ng/mL), high and low controls and diluted samples were dispensed in duplicate into a 96-well
microtiter plate (Costar Assay Plates, USA). Thereafter, 50 µL of 0.75M NaOH and 50 µL of 0.04M
picric acid were added into each well. Plates were incubated for 5 - 10 min at room temperature and
then read at 490 nm (reference 650 nm) on a Biotek microplate reader (Elx808). Assay data were
analysed using Gen5 software (Biotek, USA).
2.2.8 Statistical analysis
Statistical analysis was performed with Minitab (Version 17.3, 2013) using Dunnett’s multiple
comparison tests following a general linear model (GLM) analysis of variance (ANOVA).
Significance levels were set at P < 0.05 for all tests and means were reported with standard errors
(SE). For the GnRH agonist challenge, plasma LH, urinary LH, plasma testosterone and UTM
levels were treated as the response variable with animal ID and sample time as the fixed factors,
respectively. For the ACTH agonist challenge, plasma cortisol and urinary cortisol metabolite
(UCM) levels were set as the response variable with sex, animal ID and sample time as the fixed
factors and sex X sample time interaction terms, respectively. Dunnett’s multiple comparison tests
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were used for post-hoc analysis to compare the differences between baseline (T-5 min for GnRHa
challenge and T0 for ACTHa challenge) and all other times.
2.3 Results
2.3.1 Experiment 1: GnRHa challenge
Changes in plasma LH concentrations (ng/mL) in four male SHNWs following the GnRHa
challenge are shown in figure 2-1A. The results from the GLM ANOVA demonstrated significant
changes in mean plasma LH levels under the influence of both subject (i.e. significant differences in
overall mean hormone values among experimental animals; F3,32 = 3.58, P < 0.05) and the time of
sample collection (F11,32 = 2.13, P < 0.05). Post hoc analyses revealed that only the mean LH
concentration 20 min after the GnRHa injection (2.435 ± 0.192 ng/mL) was significantly higher
(Dunnett’s multiple comparison tests, T = 3.78, P < 0.01, n = 4) than mean pre-stimulation values
(T-5 min - 1.410 ± 0.192 ng/mL). Urinary LH concentrations of three male wombats in relation to
the GnRH agonist administration are shown in figure 2-1B. It was not possible to detect any
changes in urinary LH levels in M6, as nearly all sample values were below the assay sensitivity.
The results from the GLM ANOVA showed that urinary LH levels were significantly affected by
subject (F2,28 = 7.19, P < 0.01) but not by sample time (F14,28 = 0.90, P = 0.569). Therefore, no
further post hoc analysis was conducted.
Changes in plasma testosterone concentrations (ng/mL) in four male SHNWs following injection of
the GnRH agonist are shown in figure 2-2A. According to the results from GLM ANOVA, there
was a significant effect of sample time on plasma testosterone levels (F11,32 = 6.20, P < 0.001), but
the subject effect was not significant (F3,32 = 2.08, P = 0.122). Post hoc tests revealed that compared
to mean pre-injection values (T-5 min - 2.277 ± 0.822 ng/mL), administration of the GnRH
agonist induced a significant rise in the mean plasma testosterone concentrations 60 min, 80 min,
100 min and 120 min after injection (Dunnett’s multiple comparison tests, T ≥ 3.24, P < 0.05, n =
4) with maximum secretion occurring 120 min after injection (7.390 ± 0.822 ng/mL). Urinary
testosterone metabolite concentrations of four male wombats in relation to the injection of the
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GnRH agonist are shown in figure 2-2B.
Figure 2-1: Mean ± SEM and individual male wombat changes in (A) plasma (n = 4) and (B)
urinary LH (n = 3) concentration following a GnRHa challenge (T0). Urinary LH results from M6
are not shown due to undetectable levels of LH. *Indicates a statistically significant increase in
plasma LH levels. The inset within (B) illustrates Mean ± SEM and individual male wombat
changes in urinary LH (n = 3) concentration from 0 to 3 hour in relation to the GnRH agonist
challenge (T0).
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Figure 2-2: Mean ± SEM (n = 4) and individual male wombat changes in (A) plasma and (B)
urinary testosterone concentration following a GnRHa challenge (T0); *Indicates a statistically
significant increase in plasma and urinary testosterone levels. The inset within (B) illustrates Mean
± SEM (n = 4) and individual male wombat changes in urinary testosterone concentration from 0 to
3 hour in relation to the GnRH agonist challenge (T0).
The results from GLM ANOVA indicated that there were significant effects of both subject (F3,40 =
3.88, P = 0.016) and time of sample collection (F14,40 = 5.07, P < 0.001) on UTM levels. Post hoc
tests revealed that the GnRH agonist injection resulted in a significant increase (Dunnett’s multiple
comparison tests, T ≥ 4.34, P < 0.01, n = 4) in the mean UTM concentrations 21 (1.258 ± 0.112
ng/mg Cr) and 50 h (1.210 ± 0.112 ng/mg Cr) after injection compared to mean pre-stimulation
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values (T0 - 0.520 ± 0.112 ng/mg Cr). However, mean UTM concentrations appeared to decrease
between 21 and 36 h after the challenge and the mean concentration of UTM 36 h after the injection
(0.967 ± 0.131 ng/mg Cr) was not significantly higher than the pre-injection value (T = 2.59, P =
0.114, n = 3). Within 79 hours post-stimulation, mean UTM concentrations returned to pre-injection
levels.
2.3.2 Experiment 2: ACTHa challenge
Changes in plasma cortisol concentrations (ng/mL) in three male and three female SHNWs
following the ACTH agonist challenge are shown in figure 2-3A. Hemolysis appeared in plasma
samples from three females but did not appear to affect the cortisol measurement using EIA. The
results from GLM ANOVA revealed that there was a significant effect of sex (F1,36 = 39.11, P <
0.001), sample time (F9,36 = 30.60, P < 0.001) and subject (F4,36 = 39.18, P < 0.001) on plasma
cortisol levels, respectively. However, there was no significant relationship between sex and sample
time for plasma cortisol levels (F9,36 = 0.90, P = 0.536), which suggests that the sex difference
remained relatively constant over time (i.e. female mean plasma cortisol levels were significantly
higher than males). In detail, mean pre-injection plasma cortisol values were 0.307 ± 0.070
ng/mL for males and 2.055 ± 0.977 ng/mL for females; mean post-injection plasma cortisol
values were 15.54 ± 0.682 ng/mL for males and 22.09 ± 2.073 ng/mL for females.
Consequently, the mean (±SEM) values of all six animals were used for post hoc analyses instead
of testing for males and females separately.
The results from post hoc analysis revealed that compared to the mean pre-stimulation values (T0;
1.06 ± 1.41 ng/mL), the injection of Synacthen® Depot induced a significant increase in the
mean plasma cortisol concentrations from 15 min to 120 min after injection (Dunnett’s multiple
comparison tests, T ≥ 5.98, P < 0.001, n = 6) with maximum secretion occurring 90 minute after
injection (22.42 ± 1.41 ng/mL). Urinary cortisol metabolite concentrations of six wombats in
relation to the administration of Synacthen® Depot are shown in figure 2-3B.
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Figure 2-3: Mean ± SEM and individual wombat (male - n = 3; female - n = 3) changes in (A)
plasma and (B) urinary cortisol concentration following an ACTHa challenge (T0). *Indicates a
statistically significant increase in total mean (i.e. the mean values of all six animals) plasma and
urinary cortisol levels. The inset within (B) illustrates Mean ± SEM and individual wombat (male -
n = 3; female - n = 3) changes in urinary cortisol concentration from 0 to 3 hour in relation to the
ACTH agonist challenge (T0).
The results from GLMANOVA demonstrated that there were significant effects of sex (F1,43= 11.80,
P < 0.01), subject (F4,43 = 4.00, P < 0.01) and time of sample collection (F11,43 = 4.06, P < 0.001) on
UCM levels, respectively. However, the effects of the interaction between sex and sample time on
UCM concentrations were not significant (F11,43 = 1.60, P = 0.132); hence sex difference remained
relatively constant over time (i.e. female mean UCM levels were significantly higher than males).
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In detail, mean pre-injection UCM levels were 0.714 ± 0.086 ng/mL Cr for males and 1.044 ±
0.122 ng/mL Cr for females while mean post-injection UCM levels were 0.873 ± 0.095 ng/mL Cr
for males and 1.634 ± 0.307 ng/mL Cr for females; mean peak values at T3 h for males were
1.580 ± 0.686 ng/mL Cr and were 4.340 ± 1.670 ng/mL Cr for females. Consequently, the
mean (± SEM) values of all six animals were tested for post hoc analysis. Post hoc analyses
revealed that only the mean UCM concentration 3 h after the ACTHa injection (2.960 ± 0.324
ng/mg Cr) was significantly higher (Dunnett’s multiple comparison tests, T = 4.74, P < 0.001, n = 6)
than the mean pre-injection values (T0; 0.787 ± 0.324 ng/mg Cr). There were large variations
among animals in the UCM concentration at T3 h with F2 having a much higher UCM level (7.68
ng/mg Cr) than the other wombats (M1: 2.82 ng/mg Cr; M3: 1.47 ng/mg Cr; M4: 0.45 ng/mg Cr; F1:
2.65 ng/mg Cr; F3: 2.69 ng/mg Cr). Within 27 hours post-injection, mean UCM concentrations
were comparable to pre-stimulation levels.
2.4 Discussion
The first aim of this study was to validate and apply an EIA assay for measuring changes in urinary
LH changes in four male SHNWs following GnRH agonist stimulation. Despite the LH EIA being
used successfully for the measurement of male (current study) and female (Swinbourne et al. 2015b)
SHNW plasma LH following GnRHa stimulation, we failed to detect any corresponding change in
LH concentration in the urine of the same male wombats; a similar finding has also been reported in
female wombats (Swinbourne et al. 2015b). While Allen et al. (2008) succeeded in detecting a
significant rise in plasma LH in five captive female koalas (Phascolarctos cinereus) following a 4
µg buserelin administration, the same dose in female SHNWs was not sufficient to induce a
significant increase in LH (Swinbourne et al. 2015b); these authors determined that 10 µg of GnRH
agonist (buserelin) was in fact required to elicit a detectable significant increase in both plasma and
urinary LH concentrations. Using this information, we challenged four male SHNWs with two
different dosages of GnRHa (buserelin - i.e. 8 µg for M1 and M6 and 12 µg for M3 and M4) based
on body mass in order to ensure administration of a supramaximal dose as well as to keep the dose
of GnRHa per kg of body weight approximately within the same range (i.e. 0.27 - 0.30 µg/kg).
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The discordance between the present study and Swinbourne et al. (2015b) in captive SHNW LH
detection might be related to the inherent difference between sexes with respect to LH secretion.
Typically, there are two patterns of LH secretion: the tonic mode and the surge mode. The tonic
mode is controlled by the inhibitory effect of gonadal steroids whereas the surge mode is mainly
dependent on the positive feedback action of oestradiol. Hence, the tonic mode of LH release is
operative in both sexes, but the surge mode is normally only exhibited by females (Norman & Spies
1986; Herbosa et al. 1996). Additionally, the surge mode of LH secretion is stimulated by the
surge-like release of GnRH (Moenter et al. 1991), which is elicited by the kisspeptin (Kiss) neurons
(Smith et al. 2005); Kiss neurons are regarded as major gatekeepers to transmit key information for
reproductive viability to the GnRH neurons by releasing kisspeptin (Navarro & Tenasempere 2012).
Notably, sexual differentiation with respect to the population of Kiss neurons has been reported,
with greater density of Kiss neurons being found at the anteroventral periventricular area (AVPV) in
females than in males, which could therefore facilitate the potential for surge release of GnRH/LH
through positive feedback mechanisms in females (Smith et al. 2005). Irrespective of differences
between male and female LH secretion following GnRH agonist stimulation, Swinbourne et al.
(2015b) were also unable to detect any LH surge in female urine in relation to their natural
reproductive cycles, which suggests that urinary LH level might not be an appropriate reproductive
index for this species. The antibody 518-B7 recruited for this study has been confirmed to cross
react with circulating LH in a number of species (Matteri et al. 1987) and the LH EIA system
originally established for measuring LH in elephant serum (Graham et al. 2002). However, to date,
biological validation for urinary LH measurement using this system has only been achieved in the
Indian rhinoceros (Rhinoceros unicornis; Stoops et al. 2004), bottlenose dolphin (Tursiops truncates;
Robeck et al. 2005) and Amazonian manatee (Trichechus inunguis; Amaral et al. 2014).
The present study also confirmed the validity of the testosterone EIA to detect changes in urinary
testosterone metabolites using the R156/17 antibody (Coralie Munro, UC Davis, USA) following a
GnRHa challenge and this was the first study to report a successful biological validation for UTM
measurement in marsupials. Previously Hogan et al. (2010a) used 4 μg buserelin for GnRHa
administration in four captive male SHNWs, which resulted in a significant elevation in plasma
testosterone after 45 min of the GnRHa injection (i.e. significant rise was reported from T45 min to
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T150 min), peaking after 90 min of hormone injection and a significant elevation in faecal
testosterone metabolites 2 - 4 days following the injection. As 4 μg buserelin was proven to be
sufficient for eliciting significant changes in both plasma and faecal testosterone levels in captive
male SHNWs, it is reasonable to consider that the dosages provided in this study should be
supra-maximal for each animal. The present study showed that plasma testosterone was
significantly elevated from 60 min to 120 min after the GnRHa injection with a peak at T120 min;
these results were comparable to those of Hogan et al. (2010a).
There was no significant effect of subject on plasma testosterone levels found in this study,
indicating that all four challenged male wombats had a similar testicular steroidogenic response.
However, our urinary testosterone results showed some individual difference in terms of UTM
levels, which contrasted with the plasma testosterone results, suggesting that differential
metabolism might account for this variation. Previously, Vermeulen et al. (1972) reported the
decrease in testosterone metabolic clearance rate (MCR) was related to senescence in adult men,
indicating that a series of factors (e.g. relevant enzyme activity) would influence the MCR of
testosterone during the aging process. Hence, for this study it is also possible that the age difference
of male SHNWs might contribute to the individual variation in UTM levels (e.g. M4 was older than
both M3 and M6, but the overall mean UTM level of M4 was lower than M3 and M6).
Notably, significant rises in UTM reported in this study were not successive; UTM levels were
significantly elevated 21 h and 50 h but not 36 h following the buserelin injection. This result may
be associated with the fact that a urine sample from M6 was missed during this time point. While
the period of elevated UTM appears to have lasted for 50 hours following GnRHa stimulation, it is
difficult to conclude whether this secretory pattern was associated primarily with GnRHa
administration or natural diurnal variation in UTM secretion. While it is possible that natural
diurnal variation could account for endogenous patterns of testosterone secretion (Heistermann
2010), it was not possible in the current study to account for time of day given the intensity of the
sampling procedure and given the logistical limitation of only anaesthetising one animal at a time. A
prolonged period of elevation in faceal testosterone metabolites was also reported by Hogan et al.
(2010a), which was attributed to the longer half-life of buserelin compared with natural-sequence
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GnRH (Johnston et al. 2007; Allen et al. 2008). Additionally, some pre-stimulation UTM values
were comparable to the maximal UTM concentrations after the buserelin administration in M1 and
M3, which might be explained by the coincidence that an endogenous pulse secretion of
testosterone occurred in these two animals several days before the GnRHa challenge.
The current study appears to be the first to biologically validate the measurement of urinary cortisol
metabolites in marsupials using an enzyme-immunoassay (Arbor Assays®, USA). Although
hemolysis appeared in plasma samples from three females, it seemed to have no effect on cortisol
measurement in this study and this is consistent with the findings of Lucena et al. (1998), who also
reported hemolysis did not significantly affect the serum cortisol detection for dogs using EIA.
Following the injection of 250 µg ACTH agonist Synacthen® Depot, there was a rapid elevation
(T15 min) in plasma cortisol concentrations with a peak at T90 min and a subsequent rise in UCM
detected at T3 h in six captive SHNWs (3♂, 3♀). These results were essentially consistent with
Hogan et al. (2011a), which validated the detection of faecal cortisol metabolites (FCM) using an
ACTHa stimulation, resulting in a similar increase at T15 min in plasma cortisol levels in four
captive SHNWs (2♂, 2♀); however, compared to the delayed elevation in FCM (3 days after the
injection of Synacthen®) reported by Hogan et al. (2011a), mean UCM values were elevated almost
‘immediately’ (only 3 h) after the ACTHa administration in this study. Notably, as there was a lack
of samples between 3 and 27 hours post injection, we are not able to confirm if the mean UCM
level continued to increase after T3 h. Additionally, the fact that the mean UCM level returned to
baseline within 27 hours post injection might indicate the short life span of the induced ACTHa
stimulation.
Therefore, based on our results, when attempting to describe changes in stress hormone release with
UCM levels in captive SHNWs, urine samples should be obtained between 3 and 12 hours in
relation to a stress-related event. This short period actually provides an extremely narrow window
for capturing subtle changes in cortisol secretion and will need to be accounted for when designing
future experiments or assessments that are interested in documenting acute stress responses (e.g.
human approach or handling). The mean baseline plasma cortisol values (T0; 1.06 ± 1.41 ng/mL)
of captive SHNWs found in this study were generally comparable to Tasmanian devils (Sarcophilus
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harrisii; Keeley et al. 2012), koalas (basal 1.101 ± 0.53 ng/mL; Davies et al. 2013) and results
from the other observations of captive SHNWs (basal 0.40 ± 0.71 ng/mL; Hogan et al. 2011a).
Sex differences in plasma and UCM concentrations were also noted in the current study and both
the differences remained relatively constant over time (i.e. female mean cortisol levels were
significantly higher than males). However, Hogan et al. (2011a) reported there were no significant
sex effects detected in either plasma or faecal cortisol levels in captive SHNWs. Owing to the small
sample size (2 males and 2 females), it is possible that the sex difference in cortisol secretion might
be masked in their study. Previously, Narayan et al. (2012) reported sex variation in FCM levels in
the semi-free ranging eastern greater bilby (Macrotis lagotis) with female FCM concentrations
being constantly higher than males for over 21 days. Moreover, there was some evidence that the
sex-related differences existed in both plasma and FCM levels in captive koalas (Davies et al. 2013;
Narayan et al. 2013). In addition to these findings, different patterns of GC secretion due to sex
differences have been reported previously (Stead-Richardson et al. 2010), indicating the variation of
reproductive hormones may alter the capacity of HPA axis (von der Ohe & Servheen 2002). Results
of Owen et al. (2004) showed testosterone elevation in male giant pandas (Ailuropoda melanoleuca)
would result in an increase in GC secretion whereas progesterone would inhibit GC secretion during
oestrus, pregnancy and lactation in females. It was suggested that sexual dimorphism was
associated with an interplay and connection between HPA and HPG axes (Chand & Lovejoy 2011),
and oestrogens displayed a significant role leading to different stress responses between the sexes
(Magiakou et al. 1997). It has been suggested that oestrogens may influence the differential sex
response by regulating CRF gene expression in the hypothalamus in a sex-dependent manner, which
further impacts both HPA and HPG axes (Vamvakopoulos & Chrousos 1993; Dibbs et al. 1997;
Kageyama 2013).
There may be some differences in the secretory patterns of urinary hormones collected by classical
conditioning and those collected under general anaesthesia. However, our experimental design
allowed us to document parallel changes in hormones in both plasma and urine to ensure that a
physiological response to challenge was induced.
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2.5 Conclusion
In summary, this study has biologically validated the EIA measurement of UTM and UCM in
captive SHNW using exogenous GnRH agonist and ACTH agonist stimulation, respectively. Hence,
reliable estimates of the testicular steroidogenic capacity and the adrenocortical activity have now
been provided for captive SHNWs. The LH EIA used in the current study is able to detect changes
of LH concentrations in plasma but not in urine, suggesting that captive male SHNWs may not
produce appreciable amounts of LH in urine or that their metabolism affects excretion of this
hormone. The utility of measuring steroid hormones in captive SHNW urine will make endocrine
monitoring and reproductive management more accessible to institutions which manage this species.
Based on results from the present study, future research may apply UTM / UCM analysis into (1)
investigating seasonal changes and acute or chronic stress responses in captive SHNW and (2)
studying other marsupial species.
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Chapter 3 - Behavioural and endocrine responses to season and social dynamics of captive
male southern hairy-nosed wombats (Lasiorhinus latifrons)
This chapter is presented as it has been ‘accepted’ by General and Comparative Endocrinology.
Du, Z., Johnston, S., Janssen, T., Phillips, C., Lisle, A., and Keeley, T. (2018) Behavioral and
endocrine responses to season and social dynamics of captive male southern hairy-nosed wombats
(Lasiorhinus latifrons). General and Comparative Endocrinology, Accepted.
Abstract
Although southern hairy-nosed wombats (Lasiorhinus latifrons) rarely breed in captivity, further
knowledge of their reproductive physiology and behaviour is likely to improve their breeding
potential. This study examined the effect of seasonal variation and changes in social dynamics on
the physiology and behaviour of a captive population of male SHNWs (n = 6). Seasonal changes in
urinary testosterone metabolites (UTM), urinary cortisol metabolites (UCM), qualitative estimates
of spermatorrhoea (QS), aggressive behaviour and reproductive behaviour were measured over an
11-month period. While there was no effect of month on QS (GLM ANOVA, P = 0.27),
reproductive behaviour (GLM ANOVA, P = 0.19) or aggressive behaviour (Tukey pairwise
comparisons), the secretion of UTM (GLM ANOVA, P = 0.051) was only marginally affected by
season, compared to that reported for wild male southern hairy-nosed wombats. Mean UCM
concentrations of July (0.927 ± 0.0729 ng/mg Cr) and August (0.941 ± 0.0876 ng/mg Cr) 2016
were significantly higher (Tukey pairwise comparisons) than those between October 2015 and
January 2016 (October: 0.549 ± 0.0743 ng/mg Cr; November: 0.528 ± 0.0729 ng/mg Cr;
December: 0.535 ± 0.0526 ng/mg Cr; January: 0.608 ± 0.0435 ng/mg Cr). To examine social
dynamics, two trials of animal positioning exchange with the enclosure system were implemented
and behavioural data were examined for each trial over a six week period; UTM, UCM and general
behaviours (n = 27) were measured for each trial. Neither UTM nor UCM concentration varied
significantly (P ≥ 0.45) before and after the exchanges. “Scratching” decreased at the group level
following the animal exchange in both trials, suggesting that this reduction in self-grooming may be
a behavioural response to novel stimuli. UCM and UTM concentrations were both positively
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correlated with “standing still” and “body rub” behaviours which potentially may be evidence of a
hormonal control of a “freezing behavioural response” to external stimuli in this species and
marking behaviour, respectively. As there was no evidence that changing the social dynamics
affected reproductive or agonistic behaviour or hormone concentrations, it was concluded that
captive male wombats in this study showed reduced reproductive seasonality compared to wild
wombats and that animal exchange resulted in a behavioural response to novel stimuli but was not
sufficient to affect testosterone or cortisol secretion, within the context of our study.
3.1 Introduction
The southern hairy-nosed wombat (SHNW - Lasiorhinus latifrons) is a large herbivorous nocturnal,
fossorial marsupial, endemic to Australia; wild SHNWs are mainly distributed in South Australia
and southern Western Australia (Gaughwin et al. 1998). According to the International Union for
Conservation of Nature and Natural Resources (IUCN) this species is currently listed as ‘ near
threatened ’ (Woinarski & Burbidge 2016) and the population sizes of free-ranging SHNW have
been estimated to be declining due to a series of threats including habitat fragmentation (Alpers et al.
1998), disease (e.g. sarcoptic mange; Ruykys et al. 2009; Sparrow 2009) and climate change
(Finlayson et al. 2005; Kellermann et al. 2009). The SHNW has routinely been kept in captivity
since the 1970s (Jackson 2003; Hogan et al. 2013) but there has been limited success in captive
breeding resulting in an unsustainable ex situ population (Hogan et al. 2010a; 2013), primarily
attributable to a dearth of knowledge with respect to their reproductive physiology and behaviour
(Hogan et al. 2013).
SHNW is regarded as a seasonal breeder in the wild with a breeding period between July and
December (Gaughwin et al. 1998; Paris et al. 2002; Taggart et al. 2005). In SHNW, a significant
increase has been found in both ejaculate volume and the total sperm number along with a
corresponding higher sperm motility during the breeding season, with fewer motile spermatozoa
and lower sperm motility being observed during the non-breeding season, suggesting that this
species may have the capacity to breed throughout the year (Taggart et al. 2005). Previous studies
have demonstrated seasonal changes in plasma androgen concentrations in wild male SHNWs, with
36
the timing of peak concentration coinciding with female reproductive activity (Gaughwin 1981).
Hamilton et al. (2000) used a non-invasive faecal androgen analysis technique to study seasonal
changes in wild SHNW which confirmed that changes in testosterone metabolite levels were a
reliable indicator for studying male reproductive capacity and noting that the concentration of the
testosterone metabolites was significantly higher during the breeding season (August to October)
than during the non-breeding season (February to April). However, due to the implementation of
cull management during their field research, Hamilton et al. (2000) were unable to reveal serial
seasonal changes in faecal androgen concentration for the same individuals. Inconsistent with the
findings of Hamilton et al. (2000), Hogan et al. (2010a) failed to demonstrate any significant
seasonal variation in faecal testosterone metabolite concentrations in four captive male L. latifrons
housed at Rockhampton Zoo on the central coast of Queensland; nevertheless, this study did report
that plasma samples taken 90 min after the gonadotrophin-releasing hormone agonist (GnRHa)
challenge showed significant seasonal changes in testosterone secretion response, whereas blood
samples collected before the GnRHa stimulation did not; these data suggest that despite a lack of
seasonal change in circulating testosterone, these animals showed a lower capacity for testosterone
stimulation outside the breeding season.
Studies of seasonal change in cortisol concentration in marsupials are limited. Stead-Richardson et
al. (2010) reported a lack of apparent seasonal variation in faecal cortisol metabolites (FCM) in both
captive and wild Gilbert’s potoroos (Potorous gilbertii). Conversely, seasonal variation in FCM
concentrations has been reported in captive numbats (Myrmecobius fasciatus) with a higher
concentration of FCM being secreted by captive males during the summer mating season
(December - February; Hogan et al. 2012).
Urinary hormone analysis as a non-invasive endocrine method has been widely applied to studying
animal physiology (Heistermann 2010; Kersey & Dehnhard 2014), as urine not only contains a
variety of steroid hormone metabolites of androgens, oestrogens and glucocorticoids (GCs;
Heistermann 2010) but is also constantly produced and thereby an ideal sample for repeated
collection (Lasley & Savage 2007). Previously, Swinbourne et al. (2015a) established a
non-invasive urine collection method for captive female L. latifrons by means of operant
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conditioning and recently, Du et al. (2017) biologically validated an enzyme immunoassay (EIA)
for urinary testosterone metabolites (UTM) and cortisol metabolites (UCM) in captive SHNWs,
using exogenous GnRHa and adrenocorticotropic hormone agonist (ACTHa) challenges,
respectively. These studies revealed that non-invasive urine samples appear to be suitable for
assessment of both reproductive capacity and adrenal response in captive male SHNWs.
Spermatorrhoea has been defined as ‘the involuntary escape of spermatozoa without ejaculation into
the urethra’ (Blood & Studdert 1999). Measurement of spermatorrhoea has been used as a
non-invasive index to assist with studying seasonal variation in spermatogenesis and testicular and
epididymal function in marsupials (Fletcher 1985; Woolley 1991; Power et al. 2009). Previously
Hogan et al. (2010a) reported that spermatorrhoea occurred throughout the year in captive male
SHNW, confirming continuous sperm production in this species in captivity; however, this study
failed to quantify if the level of spermatorrhoea changed over time as only the presence/absence of
spermatozoa in the urine of captive male SHNWs was examined.
Previous studies have found that wild SHNWs inhabit small but extensively overlapping home
ranges, which were closely associated with their warren system, and have also been reported to
share warrens at the same time (Wells 1973; Gaughwin 1981; Finlayson et al. 2005). When
combined with the observations that males tended to establish individual territories that overlapped
considerably with the home ranges of several females and minimally with other males (Gaughwin et
al. 1998), one could speculate that SHNW might possibly establish some type of social structure in
the wild. As warren systems are extensive with multiple burrow entrances, it is still unclear as to the
extent of social organization, interactions and affiliations in this species; consequently, it is also
uncertain as to whether social structure has an effect on mating in the wild (Walker 2004; Sparrow
2009). A better understanding of wombat social structure and its influence on mating and breeding
success could provide insight into whether or not forced social interactions (e.g. group housing) in
captive SHNWs influence captive breeding success.
In the captive bare-tailed woolly opossum (Caluromys philander), social hierarchy appeared to be
highly dependent on body mass and age (Guillemin et al. 2000); while older and heavier bare-tailed
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woolly opossums appeared more dominant, the dominance-submission relationships were
independent of female presence. Additionally, following a paired contest (either two males alone or
two males and a female housing together) both dominant and subordinate males showed signs of
social stress indicated by a decrease in hematocrit (Guillemin et al. 2000). In the solitary brush-tail
possum (Trichosurus vulpecula), Wehi et al. (2006) determined that circulating testosterone
concentration in the breeding season appeared to be a reliable indicator of male social status during
periods of hierarchy instability; these authors also reported that the dominant male brush-tail
possums had higher plasma testosterone concentrations compared to subordinates but only during
the breeding season. Wehi et al. (2006) also reported a lack of significant variation in plasma
cortisol concentrations in captive brush-tail possum from different ranks during periods of social
instability. These studies suggest that physiological indices such as testosterone and cortisol
concentrations may be useful for investigating the social organization of captive male southern
hairy-nosed wombats.
Hogan et al. (2009) used a digital video recording system to reveal daily behaviour patterns in a
captive SHNW population (n = 8) by calculating time budgets; this non-invasive approach provided
researchers with high animal visibility with low disturbance, allowing reliable animal identification
and concurrent documentation of various real-time behaviours. Subsequently, Hogan et al. (2011b)
systemically described reproductive behaviours in captive SHNW using the 24-hour monitoring
system and divided mating behaviours into six stages, including the investigation phase, the
attraction phase, the chase phase, the restraint phase, the coitus phase and the recovery phase. These
studies have demonstrated the utility of the digital video surveillance system as a suitable and
efficient method for monitoring behaviours in captive SHNWs; hence, this non-invasive technique
might also be a useful tool in investigating the social structure of captive male SHNWs.
The present study focused on investigating the influence of season and a forced change in social
dynamics of captive male SHNW on reproductive and adrenal physiology. The aims of the present
study were (1) to provide insight into seasonal changes in testicular and adrenal physiology with
respect to UTM concentration, UCM concentration, aggressive behaviour, reproductive behaviour
and a qualitative index of sperm output based on spermatorrhoea (QS), (2) to measure changes in
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UTM and UCM secretion following a forced change in social dynamics within a captive enclosure
system, in order to determine whether a captive hierarchy exists, (3) to explore the influence of
changes in social dynamics on general behaviours of captive male SHNW and (4) to determine any
correlation between hormone (i.e. UTM or UCM) concentration and general behaviours for captive
male SHNWs.
3.2 Methods
3.2.1 Animals and study site
Six captive male SHNWs were used in this study (Table 3-1) and all animals were originally
wild-sourced from South Australia. All wombats were kept within two adjacent breeding facilities at
Australian Animal Care and Education (AACE) located at Mount Larcom, Queensland (23.75 o S,
151.00 o E). Each facility was fitted with 24-hour air-conditioning (set at 23oC) and included eight
internal enclosures, with each enclosure being connected to a respective fenced outside yard that
contained native grasses and soil substrate. Wombats were kept either individually or in pairs (one
male and one female) in each enclosure, while each individual animal had its own sleeping den. All
six experimental males were monitored inside their enclosure by a 24-hour digital video
surveillance recording system (XQ, Australia). Daily husbandry occurred between 6:30 am and 9:00
am and daily feeding between 3:00 pm and 5:30 pm. Each day artificial lighting was supplied for
around 4 hours and all animals were exposed to natural photoperiod during the rest of the day. Each
animal was fed a mixture of oaten chaff, horse pellets, rolled oats and sliced sweet potatoes while
water was available ad libitum. This study was approved by the University of Queensland’s Animal
Ethics Committee (SAFS/333/15).
3.2.2 Urine collection, storage and sperm observation
Captive SHNW urine collection via classical conditioning has previously been described for both
females (Swinbourne et al. 2015a) and males (Du et al. 2017). As all six experimental animals had
been habituated to human approach, a period of two weeks was sufficient for these males to be
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trained to urinate in a common area within their enclosure by classical conditioning (Du et al. 2017).
Urine samples were collected either in the late morning (i.e. after husbandry) or in the early
afternoon (i.e. before feeding). After urination, the animals were then locked into their own sleeping
dens and the urine was recovered from the clean floor with a 10 mL syringe (BD, Australia); the
floor was mopped clean with tap water (without any detergent) then thoroughly dried before each
collection. Following collection, the urine sample was pooled into a 50 mL specimen container and
then maintained on ice; animal ID, collection time, volume and pH were recorded for each sample;
4 mL of urine were pipetted into 2 x 2 mL ProSciTech tubes (PST, Australia) and stored at -20 oC
until analysis.
Table 3-1: Husbandry and reproductive information of the six male L. latifrons.
Wombat ID M1 M2 M3 M4 M5 M6
Estimated age in 2016 (years) 11 2 6 11 6 6
During which year the animal was
introduced into AACE
2008 2013 2009 2007 2009 2009
Mean (± SE) weight during the
sampling period (kg)
26.7 ± 0.58 27.2 ± 0.72 43.5 ± 0.79 39.7 ± 0.79 35.8 ± 0.79 27.5 ± 0.58
Paired or isolated Isolated Paired
Only paired during
the breeding season
Only paired
during the
breeding
season
Paired Paired
If the wombat was a successful
breeder
No No Yes Yes No No
Location of wombat’s enclosure
From 3rd
January 2016 to
12th June 2016:
Facility 1
Facility 1 Facility 2
From 3rd January
2016 to 12th June
2016: Facility 2
Facility 1 Facility 1
Other time:
Facility 2
Other time:
Facility 1
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The remaining urine was transferred into 2 x 15 mL Falcon tubes (BD, Australia) and centrifuged
(Eppendorf, Germany) at 1500 rpm for 10 min. After removing the supernatant, the sample was
standardised by resuspending the pellet in 0.5 mL of the remaining urine sample; 10 µL of this
sperm mixture was then pipetted onto a microscope slide (Fronine, Australia) and covered with a
coverslip and observed under a phase contrast microscope (Olympus, Tokyo) using the 40x
objective. Ten fields of view were randomly selected on the slide and the sperm number in each
view was recorded; the average number of spermatozoa in ten views was calculated and recorded as
a qualitative index of spermatorrhoea. In addition, the presence/absence of motile spermatozoa was
also determined and recorded during each observation. Notably, M1 was vasectomized previously
so that it was not possible to detect any sperm in his urine.
3.2.3 Hormone analysis
3.2.3.1 Testosterone
UTM was measured by a testosterone EIA based on the methodology described in Du et al. (2017);
this assay recruited a polyclonal anti-testosterone antibody R156/17 (C. Munro, UC Davis, USA), a
goat anti-rabbit IgG secondary antibody (Arbor Assays®, USA) and a testosterone horseradish
peroxidase (HRP) label (C. Munro, UC Davis, USA). Major cross-reactivities (> 5%) for the
antibody were testosterone (100%) and 5 -dihydrotestosterone (29%). Parallelism between the
standard curve and serially diluted pooled samples was demonstrated; dilution rates were identified
according to pooled urine samples that led to 50% binding on the parallelism curve. The assay
sensitivity was 0.039 ng/mL and all samples were analysed in duplicate. The inter- and intra-assay
coefficients of variation (CV) were 9.8% and 2.9%, respectively.
3.2.3.2 Cortisol
UCM was measured by the Arbor Assay Mini-Kit ISWE002 (Ann Arbor®, USA) based on the
methodology described by Du et al. (2017); the manufacturer supplied a polyclonal anti-rabbit
cortisol antibody #C208, a cortisol-HRP conjugated label #C209 and cortisol standards #C210,
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while the assay buffer and plates were coated “in-house” with anti-rabbit IgG immobilizing
antibody and run according to the manufacturer’s specifications. Major cross-reactivities for the
antibody (> 5%) were cortisol (100%), dehydrocortisol (42.08%) and cortisone (26.53%).
Parallelism between the standard curve and serially diluted pooled samples was demonstrated;
dilution rates were identified according to pooled urine samples that led to 50% binding on the
parallelism curve. The assay sensitivity was 0.05 ng/mL and all samples were analysed in duplicate.
The inter- and intra-assay CV were 11.6% and 2.7%, respectively.
3.2.3.3 Creatinine
Creatinine (Cr), as a byproduct of muscle activity, is excreted into urine at a constant rate (Brown
2008). Therefore, urinary creatinine level can be used to standardise urinary hormone concentration.
In the current study, urinary creatinine was measured using a creatinine assay (Taussky 1954;
Cayman Chemicals, USA), for which the protocol has been described elsewhere (Du et al. 2017).
All urinary hormone levels in the present study were corrected by the corresponding creatinine
concentration and reported as ng/mg Cr.
3.2.4 Recording of daily aggressive and reproductive behaviour
Daily behavioural characteristics of each animal were assessed by means of daily digital video
recording (XQ, Australia) and the review of 24-hour video footage; daily behavioural features of
each individual were classified into three categories: (1) presence of reproductive behaviour with
aggressiveness, (2) presence of aggressive behaviour only and (3) absence of reproductive or
aggressive behaviour. The classification and description of subclass behaviours are described in
table 3-2 and were based on those described by Hogan et al. (2011b) with some modification. As the
performance of reproductive behaviour in captive male SHNW was always accompanied by
aggressiveness, a subclass of reproductive behaviour (i.e. restraint, coitus) was identified as a type
of aggressive behaviour but not vice versa. Hence, when a male wombat exhibited aggressive or
reproductive behaviour for a consecutive period of 3 min or more, the video recording of this event
was analysed to determine the intent. A consecutive period of 3 min was chosen as the time window,
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as on occasions, a male wombat would perform a short period of aggressive/reproductive behaviour
without any need for clarification of intent.
Table 3-2: Classification and descriptions of aggressive and reproductive behaviours.
3.2.5 General behaviour recording and processing
By means of digital video surveillance (XQ, Australia), 24-hour video footage of behaviour from all
six male wombats was stored and backed up to a 5TB hard disk drive (WD, Australia) for the first
trial and a 4TB hard disk drive (Seagate, Australia) for the second trial. However, only 18 individual
days within each trial period (i.e. -13 d, -11 d, -9 d, -7 d, -5 d, -3 d, -1 d, 1 d, 2 d, 3 d, 5 d, 7 d, 9 d,
12 d, 15 d, 19 d, 23 d and 28 d in relation to the animal exchange day - 0 d) were selected for
general behavioural analysis. Behavioural analysis was based on the protocols and ethograms
described by Hogan et al. (2011a) and Descovich et al. (2012) but with modifications (Table 3-3).
Behavioural observations and processing were conducted manually using the XQ player (XQ,
Australia) by the same person (ZD) for the selected sampling days. Individual daily patterns for
each behaviour were identified during a 24-h period. In detail, each day included 24 × 1-h duration,
starting from 0000-h duration and ending at 2300-h duration. A 5-min period within each hour
(XX00-h to XX05-h with XX ranging from 00 to 23h) was selected to represent the behavioural
Behaviour
classification
Agonistic behaviour Reproductive behaviour
Category Chase and bite Aggression
towards human
Restraint Coitus
Description
Male chases paired
female and attempts to
or delivers bite.
Male attempts to
bite his human
keeper during
routine husbandry.
Male mounts paired female,
grasps female around the hips
with his forelimbs and rolls onto
one side, causing the female to
be positioned into lateral
recumbency suitable for coitus.
Coitus is achieved and is
characterised by rhythmic pelvic
thrusting of the male.
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pattern during this hour for behavioural analysis. Using the standard approach for focal time
sampling, the estimated percentage of time spent on each behaviour during each hour of the day
was first calculated [i.e. (Y / 300) × 100, Y being the total time (sec) spent in a specific behaviour
within the 5-min duration of a certain hour]; subsequently for each animal, the daily mean
percentage of a behaviour was then determined by the formula “(Y1 + Y2 + ... + Y24) / 24”; where Y1
indicated the estimated percentage of time spent in a behaviour during the first hour of the day (i.e.
0000-hour duration).
Table 3-3: General behaviour categories.
Behaviour category Description
Air smelling Smelling of the air, usually accompanied by a head movement up and down
Approach Male (at a walk) frequently and repeatedly approaches to the paired female from behind.
Body rub A body part rubbed against an inanimate object
Break Cessation of a coitus bout, indicated by the release of the paired female by the male
Chase Male runs after the paired female.
Coitus Coitus is achieved dorsoventrally, while both animals lie on their sides, and is characterised by
rhythmic pelvis thrusting of the male.
Defaecating Defaecating on the floor
Den check Entering the paired female’s den with sniffing
Drinking Drinking of water from a provided bowl
Exploring Investigation or examination of inedible objects
Feeding Consumption of food items
Outside activity Male staying within fenced outside yard area; out of vision from inside cameras
Pacing Repetitive pacing, usually along the enclosure boundary
Restraint Male jumps onto the back of the paired female, grasps around the hips with his forelimbs and rolls
onto one side, flipping the female onto her side.
Retreat Male retreating from the paired female
Scratching Vigorous back and forth motion of foot claws across an area of the body
Sitting rest Sitting on hind quarters and front paws, while doing nothing else
Sleeping Lying with neck recumbent on the ground
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Standing still Standing on four feet without any locomotion
Stereotypic behaviour Repetitive digging-like behaviour (i.e. male using a front paw to scratch the concrete floor hard
and frequently)
Urinating Urinating on the floor
Walk A slow gait using four limbs
Wall biting Biting the wall with vigorous head movements
Wall climbing Climbing action performed at the walls of a den
Wall scratching Scratching the wall with a front claw
Wombat biting Male biting the paired female
Wombat smelling Projecting the head towards the paired female and smelling
3.2.6 Experiment 1: Seasonal changes in captive male SHNW physiology and behaviour
Sample and data collection for studying captive male SHNW seasonal change was conducted for 11
months (i.e. from October 2015 to August 2016) including weekly urine collection from each male,
that also included a qualitative index of spermatorrhoea and documentation of daily aggressive and
reproductive behaviours by evaluating digital video recording of each individual animal.
3.2.7 Experiment 2: Reallocation of male SNHW in captivity
The wombat enclosure systems within two separate facilities (i.e. facility 1 and 2) at AACE and the
corresponding locations of each male are reported in figure 3-1. Given that wombats M3 and M4
had previously been the only successful male breeders at AACE and that they were the only
SHNWs weighing over 39 kg in this captive population (Table 3-1), it was postulated that both
animals were the dominant individuals within their enclosure systems. Consequently, two trials with
respect to “social dynamic change” were conducted in order to test if there was a potential social
hierarchy within this captive male population, if the general behaviour pattern of male SHNW at the
group level would be altered and if this was reflected in urinary steroid secretion. Regarding the
first trial, M1 from facility 2 was exchanged with M4 from facility 1 on January 3 2016, so that the
two supposedly dominant males (i.e. M3 and M4) now occupied the same facility (i.e. facility 2),
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while the remaining males were all grouped within facility 1. With respect to the second trial (the
retrospective trial), M4 from facility 2 was exchanged with M1 from facility 1 on June 12 2016 and
consequently M3 and M4 were assigned back to their original facilities (M3 - facility 2 and M4 -
facility 1). Data and sample collection for both trials lasted for 6 weeks (i.e. 2 weeks prior to the
exchange day, plus 4 weeks following the exchange day with the exchange day being not included);
during these 6 weeks, 24-hour video footage of behaviour was stored and backed up for each male
and urine samples (for hormone analysis) were collected three times a week with observations of
QS, instead of the once per week observations for the seasonal change trial. Notably, the period of
data and sample collection for the first trial fell within the apparent (“local”) breeding season of
these captive SHNW, while the second trial was conducted in the non-breeding season (T. Janssen
Pers. Comm.).
Figure 3-1A. Figure 3-1B.
Figure 3-1: The SHNW enclosure system at AACE [(a) facility 1; (b) facility 2] showing individual
male location (3-1A. before 3rd January 2016 and after 12th June 2016; 3-1B. after 3rd January 2016
and before 12th June 2016).
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3.2.8 Statistical analysis
3.2.8.1 Data processing
Spermatorrhoea (QS) was calculated monthly (i.e. monthly average spermatorrhoea index) for each
male and reported as an index of sperm number per field of view. A qualitative daily presence or
absence of reproductive behaviour was integrated into a weekly report (e.g. as long as a male
showed reproductive behaviour during the week, it would be noted as “1 point” for that week;
otherwise it scored “0 point”) (Martin et al. 1993); the same method was applied to recording
weekly aggressive behaviour for each male. With respect to identifying the impacts of animal
exchange on general behaviour, owing to the limited statistical power for the majority of
behavioural categories (i.e. only a few males displayed these behaviours during the sampling
periods), only eight behaviour subtypes were included for statistical analyses; these were
“scratching”, “outside activity”, “sitting rest”, “walk”, “feeding”, “standing still”, “exploring” and
“sleeping”. Notably, 189 days of behavioural data were successfully collected and some general
behavioural data were lost due to logistical problems (e.g. camera malfunction); several urine
samples were not collected as sometimes the males did not provide sufficient urine for analysis.
Statistical analyses were carried out using Minitab (Version 17, 2016) and SAS (Version 9.3, 2012).
Residual plots were used for testing if data sets were normally distributed but it was determined that
no logarithmic transformations were necessary. Significance levels were set at P < 0.05 for all tests
and means are reported with standard errors (SE) unless otherwise noted.
3.2.8.2 Experiment 1: Seasonal changes in captive male SHNW physiology and behaviour
For each response variable (i.e. UTM, UCM, QS, aggressive behaviour and reproductive behaviour),
a general linear model (GLM) analysis of variance (ANOVA) was used with animal ID and month
being the fixed factors; Tukey pairwise comparison tests were used for post-hoc analysis. Notably,
weekly hormone (i.e. UTM and UCM) and behaviour (i.e. aggressive and reproductive behaviour)
data were integrated into monthly information during the statistical analysis.
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3.2.8.3 Experiment 2: Reallocation of male SHNW in captivity
For hormonal data (i.e. UTM and UCM), a GLM ANOVA was used with trial (i.e. first, second),
animal ID and week being the fixed factors and trial × week interaction terms, respectively.
Regarding the effects of animal exchange on eight major behaviours, a repeated-measures ANOVA
(rANOVA) was constructed with compound symmetry covariance structure, using individual (i.e.
animal ID) as a subject factor; within subjects, the effects of trial, period (i.e. before vs. after the
exchange date), date within each period, trial × period and date within each period × trial interaction
terms were treated as fixed effects. Spearman correlations were conducted for evaluating the
associations between hormone (i.e. UTM or UCM) level and 27 general behaviours (Table 3-3) for
trial 1 and trial 2, respectively, using individual weekly mean values across available animals;
moreover, the Benjamini-Hochberg procedure (Benjamini & Hochberg 1995) was used to control
for false discovery with the rate being set as 0.05.
3.3 Results
3.3.1 Experiment 1: Seasonal changes in captive male SHNW physiology and behaviour
Monthly means (± SE) of urinary testosterone and cortisol metabolite concentrations (ng/mg Cr)
from six captive male SHNWs over the 11-month period are reported in figures 3-2A and 3-2B,
respectively. For UTM, the results from a GLM ANOVA revealed that there was a significant effect
of individual (F5,50 = 5.75, P < 0.001) but the month effect was not significant, although this did
come very close to reaching significance (F10,50 = 2.02, P = 0.051). In general, patterns in
testosterone excretion for individual wombats varied considerably. Regarding UCM, the results
from GLM ANOVA demonstrated there were significant effects of both individual (F5,50 = 3.62, P =
0.007) and month (F10,50 = 4.75, P < 0.001). The results from post hoc analysis (Tukey pairwise
comparisons; Figure 3-2B) revealed that (1) mean UCM concentrations of June 2016 were
significantly higher than the mean values of December 2015, (2) mean UCM concentrations of July
2016 were significantly higher than the mean values of October 2015, November 2015, December
2015, January 2016 and February 2016, respectively and (3) mean UCM concentrations of August
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2016 were significantly higher than the mean values of October 2015, November 2015, December
2015 and January 2016, respectively. Notably, mean UCM concentrations were highest in August
(0.941 ± 0.0876 ng/mg Cr) and lowest in November (0.528 ± 0.0729 ng/mg Cr).
Figure 3-2: Mean ( ± SE) changes in monthly (October 2015 to August 2016) urinary (A)
testosterone (UTM) and (B) cortisol (UCM) metabolite concentrations for captive male L. latifrons
(n = 6). The mean UTM concentrations over time were not significantly different between months
(P > 0.05). The UCM concentrations were significantly different between months (P < 0.001),
which has been designated by different letters (i.e. means that do not share a letter are significantly
different).
cd cd d cd bcd abcd abcd abcd abc a ab
(B)
(A)
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Mean ± SE (n = 4) and individual male SHNW changes in the monthly urinary spermatorrhoea
index over the 11-month period are presented in figure 3-3. The results from GLM ANOVA showed
that QS was significantly affected by individual (F3,30 = 5.32, P = 0.005) but not by month (F10,30 =
1.30, P = 0.27); therefore, no further post-hoc testing was performed. With regards to individual
variation, QS was only observed in the urine of four male SHNWs (i.e. M2, M4, M5 and M6),
while no spermatozoa were found in the urine of M1 or M3. The mean QS for the four males that
exhibited spermatorrhoea were M5: 2.88 ± 0.58 sperm/field of view, M6: 2.54 ± 0.34 sperm/field of
view, M4: 1.33 ± 0.21 sperm/field of view and M2: 1.09 ± 0.37 sperm/field of view. Motile
spermatozoa were also found in the urine collected during both the breeding and non-breeding
seasons for M2 (October 2015, January 2016, April 2016, May 2016, June 2016, July 2016, August
2016), M4 (December 2015, January 2016, March 2016, June 2016, July 2016, August 2016), M5
(December 2015, May 2016, June 2016, July 2016) and M6 (throughout the sampling period - from
October 2015 to August 2016). The average pH of urine for each animal was M1: 6.8, M2: 6.2, M3:
7.1, M4: 6.7, M5: 6.2 and M6: 6.9.
Figure 3-3: Mean ± SE (n = 4) and individual male L. latifrons changes in monthly (October
2015 to August 2016) urinary spermatorrhoea index (sperm number per field of view). No
spermatorrhoea was present for M1 (vasectomized) or M3. Individual variation between males
which exhibited spermatorrhoea was evident over time (P = 0.005).
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Monthly means of the proportion of aggressive behaviour and reproductive behaviour (%) from six
captive male SHNWs over the 11-month period are shown in figure 3-4. Based on the results from a
GLM ANOVA, the proportion of aggressive behaviour was significantly affected by individual
(F5,50 = 13.15, P < 0.001) and month (F10,50 = 2.18, P = 0.035). However, post hoc analysis (Tukey
pairwise comparisons) did not reveal a monthly mean that was significantly different from the
others. With respect to reproductive behaviour, the individual animal effect was significant (F5,50 =
6.01, P < 0.001) but the month effect (F10,50= 1.44, P = 0.19) was not.
Figure 3-4: Mean changes in the monthly (October 2015 to August 2016) proportion of aggressive
and reproductive behaviours for captive male L. latifrons (n = 6). For both aggressive and
reproductive behaviours, the month effect was not significant (aggressive behaviour: Tukey
pairwise comparisons; reproductive behaviour: P = 0.19) but the individual effect was significant (P
< 0.001) for both behaviours.
3.3.2 Experiment 2: Reallocation of male SHNW in captivity
Mean (±SE) changes in weekly urinary testosterone and cortisol metabolite concentrations (ng/mg
Cr) for captive male SHNW (n = 6) associated with the animal exchange day (day 0), over a 6-week
period for trial 1 and trial 2 are shown in figures 3-5A and 3-5B, respectively. According to the
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results from a GLM ANOVA, both UTM and UCM levels were affected by trial (UTM: F1,55 =
19.86, P < 0.001; UCM: F1,55 = 29.43, P < 0.001) and individual (UTM: F5,55 = 5.42, P < 0.001;
UCM: F5,55 = 4.37, P = 0.002) but not by week (UTM: F5,55 = 0.36, P = 0.88; UCM: F5,55 = 0.67, P =
0.65) or trial × week (UTM: F5,55= 0.56, P = 0.73; UCM: F5,55= 0.96, P = 0.45).
Figure 3-5: Mean (±SE) changes in weekly urinary (A) testosterone and (B) cortisol metabolite
concentrations for captive male L. latifrons (n = 6) following the animal exchange day (0), over a
6-week period (-2 to 4 week) for trial 1 and trial 2, respectively.
With regards to major behaviours, the results from rANOVA demonstrated that “scratching” was
only significantly affected by period (i.e. reduced after the animal exchange; F1,9 = 7.90, P = 0.02)
and not by trial (F1,9 = 0.01, P = 0.93), date within each period (F16,135 = 1.37, P = 0.17), trial ×
period (F1,9 = 0.07, P = 0.80) or date within each period × trial (F16,135 = 0.87, P = 0.61) (Figure
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3-6A). “Outside activity” was significantly affected by date within each period (i.e. increased after
the animal exchange in trial 1 and decreased after the animal exchange in trial 2; F16,135 = 4.43, P <
0.0001), trial × period (F1,9= 13.64, P = 0.005) and date within each period × trial (F16,135 = 4.98, P <
0.0001) but not by trial (F1,9 = 0.63, P = 0.45) or period (F1,9 = 0.87, P = 0.38) (Figure 3-6B).
“Standing still” was significantly affected by date within each period, being increased after the
animal exchange in trial 1 and decreased after the animal exchange in trial 2 (F16,135 = 2.95, P =
0.0003) and trial × period (F1,9 = 8.26, P = 0.018) but not by trial (F1,9 = 0.01, P = 0.92), period (F1,9
= 1.03, P = 0.34) or date within each period × trial (F16,135= 0.97, P = 0.50) (Figure 3-6C). “Sleeping”
was significantly affected by date within each period, being decreased after the animal exchange in
trial 1 and increased after the animal exchange in trial 2 (F16,135 = 3.37, P < 0.0001), trial × period
(F1,9 = 12.88, P = 0.0058) and date within each period × trial (F16,135 = 4.06, P < 0.0001) but not by
trial (F1,9 = 0.21, P = 0.66) or period (F1,9 = 0.09, P = 0.77) (Figure 3-6D). None of these
within-subject factors (i.e. trial, period, date within each period or trial × period or date within each
period × trial) significantly affected the frequency of “sitting rest”, “walk”, “feeding” or “exploring”
behaviours (P ≥ 0.071). Notably, M6’s behavioural data for trial 2 were not recorded due to camera
malfunction.
The results from the combination of a Spearman correlation and Benjamini-Hochberg procedure
indicated that (1) UTM level was positively and significantly correlated with “standing still” (r =
0.395, P = 0.017, Benjamini-Hochberg P = 0.031) and “wall biting” (r = 0.395, P = 0.017,
Benjamini-Hochberg P = 0.031) during the time period of trial 1, (2) UCM level was positively and
significantly correlated with “standing still” (r = 0.491, P = 0.0023, Benjamini-Hochberg P = 0.004)
during the time period of trial 1 and (3) UTM level was significantly and positively correlated with
“body rub” (r = 0.611, P = 0.0004, Benjamini-Hochberg P = 0.0005) but negatively correlated with
“approach” (r = -0.482, P = 0.0081, Benjamini-Hochberg P = 0.011), “retreat” (r = -0.441, P = 0.017,
Benjamini-Hochberg P = 0.022) and “den check” (r = -0.386, P = 0.039, Benjamini-Hochberg P =
0.049) during the time period of trial 2.
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Figure 3-6: Mean (±SE) percentage time of (A) “scratching”, (B) “outside activity”, (C) “standing
still” and (D) “sleeping” behaviours for captive male L. latifrons before [an average of 7 days (i.e.
-13 d, -11 d, -9 d, -7 d, -5 d, -3 d and -1 d) - white bar] and after [an average of 11 days (i.e. 1 d, 2 d,
3 d, 5 d, 7 d, 9 d, 12 d, 15 d, 19 d, 23 d and 28 d) - striped bar] the animal exchange for trial 1 (n = 6)
and trial 2 (n = 5). For figure 3-6A, * (P < 0.05) indicates a statistically significant decrease in
“scratching” after the animal exchange; for figure 3-6B, *** (P < 0.0001) indicates “outside activity”
was increased after the animal exchange in trial 1 and decreased after the animal exchange in trial 2;
for figure 3-6C, ** (P < 0.01) indicates “standing still” was increased after the animal exchange in
trial 1 and decreased after the animal exchange in trial 2; for figure 3-6D, *** (P < 0.0001) indicates
“sleeping” was decreased after the animal exchange in trial 1 and increased after the animal
exchange in trial 2.
3.4 Discussion
The changes in mean UTM level of six captive male L. latifrons over the study period did not quite
reach significance but there was a trend in seasonal variation (i.e. mean UTM concentrations appear
to be higher between March and August 2016 than those between October 2015 and February 2016)
in the current study. However, this trend is somewhat inconsistent with previous findings in terms of
seasonal change in plasma testosterone concentrations (Hamilton et al. 2000; Hogan et al. 2010a).
Hamilton et al. (2000) reported the concentrations of both plasma and faecal testosterone
metabolites (FTM) were significantly elevated during the breeding season (August to October)
compared to the non-breeding season (February to April) for wild SHNWs living at the Swan Reach
region of South Australia. While, Hogan et al. (2010a) found seasonal changes in stimulated
testosterone secretion in blood samples taken from captive SHNWs at Rockhampton Zoo 90 min
after a GnRHa challenge, they could not find a seasonal change in circulating testosterone levels
before GnRHa injection, nor in excreted testosterone levels over time. Given that both FTM and
UTM measurement have been validated previously for captive male SHNW (FTM: Hogan et al.
2010a; UTM: Du et al. 2017), UTM or FTM alone should be capable of providing reliable estimates
of the testicular steroidogenic capacity. Therefore, when taken together, we speculate that a less
pronounced natural seasonal variation in testosterone secretion in the captive male SHNW of this
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study may be contributing to a lack of breeding success in some males. Considering that only
GnRHa-induced plasma testosterone concentrations exhibited marked seasonal variations in Hogan
et al. (2010a), it is possible that in captive male SHNWs the lack of seasonal testosterone secretion
may be attributed to an alteration of the wombat’s physiology, potentially linked to environmental
or captive management artefacts.
Additionally, four of the six experimental males (i.e. M1, M3, M4 and M6) used in the current study
had previously participated in a GnRHa challenge with elevated plasma luteinizing hormone (LH)
and testosterone being detected following the GnRHa stimulation (Du et al. 2017), suggesting the
hypothalamic-pituitary-gonadal (HPG) axes of these males appear to be functioning normally.
Specifically, for the present study, photoperiod is potentially a contributor for altered testosterone
production pattern observed in captive male SHNWs as there was a significant difference in latitude
between where the captive wombats are presently located (AACE - Mt Larcom: 23.75 o S) and from
they were sourced (Swan Reach region: 34.54 o S). Since previous studies have demonstrated that
altering photoperiod can have a profound impact on the number of neurons that express kisspeptin
(Kiss) in seasonal-breeding species (Revel et al. 2006; Chalivoix et al. 2010) and that Kiss neurons
delivered essential information on reproductive viability to GnRH neurons by secreting kisspeptin
(Navarro & Tenasempere 2012), changes in photoperiod associated with a more northerly latitude
are potentially capable of influencing the pattern of GnRH secretion, leading to changes in
testosterone secretion and altered patterns of normal reproductive function.
The mean UCM level of six captive male SHNWs increased gradually from October 2015 to
August 2016, reaching a maximum in August. It was somewhat unusual that the mean UCM
concentrations could reach such a high level in July and August 2016 while the mean UCM
concentrations in October-December 2015 were relatively low as it would be more reasonable to
expect that the mean UCM level decreased smoothly in July and August 2016 in order to reach the
level comparable to those in October-December 2015 if associated with natural seasonal variation.
One possible explanation for this pattern of observed cortisol secretion would be a change in
captive management (i.e. reallocation of female wombats; Z. Du personal observations) in
preparation for the upcoming mating season; during July and August 2016, many female wombats
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were removed from their original enclosures and paired with new males for captive breeding
purposes, while males remained in their enclosures (Figure 3-1A). In brief, if a female wombat was
found “incompatible” with her new paired male (e.g. the male showed intensive aggression towards
the female without any reproductive purposes), then the female would be removed from this male’s
enclosure and paired with another male or assigned back to her original enclosure. The
implementation of this management strategy during July and August 2016 may have contributed to
the “unexpected” increase in cortisol secretion in these captive male wombats for two reasons;
firstly, the frequent introduction/removal of females may have resulted in an increase in cortisol
secretion in these captive male SHNWs in response to these novel pairings that may or may not
have been compatible; secondly, as the removal process required extensive human intervention (e.g.
disinfection of both original and new enclosures and locking the paired male within his sleeping den
temporarily in order to allow the newly introduced female to habituate to her new environment or to
prevent the male from attacking/biting the female frequently), this interruption could have been
perceived as a negative stimulus by the wombats, thereby further increasing cortisol secretion.
Although in the present study it was not possible to quantify the effects of human intervention on
male SHNW cortisol secretion, Hogan et al. (2011a) have suggested that forced human
approach/contact could significantly elevate cortisol secretion in captive SHNWs and that the GC
response was not attenuated by regular handling. Therefore, it is plausible that the UCM secretion
pattern of male SHNWs reported in the current study has been at least, partially altered due to
captive management in the last few months of the study period. Clearly, future studies of seasonal
cortisol secretion and potential factors influencing adrenal physiology in free-ranging SHNWs will
now be required to examine the significance of these findings to wild populations.
Spermatorrhoea was observed in four males (i.e. M2, M4, M5 and M6) throughout the 11-month
sampling period, which was consistent with respect to the previous findings of Hogan et al. (2010a)
and Taggart et al. (2005), indicating that both captive and wild male SHNWs appear to maintain a
pattern of continuous sperm production over the whole year. While the absence of spermatorrhoea
in M3 is not clear, this male had previously successfully sired an offspring at AACE. The lack of
noted seasonal variation in mean QS reported in this study is to some extent also consistent with the
observations of Taggart et al. (2005), who reported that the sperm concentration of the
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electro-ejaculate (expressed as sperm number per mL of ejaculate) did not undergo significant
seasonal changes for wild male SHNW rather it was seminal fluid and sperm quality that were
affected by season. To the best of our knowledge, there has only been one study to date, which
reported the presence of motile spermatozoa in marsupial urine; Bolliger (1942) revealed this
phenomenon in brush-tail possum (Trichosurus vulpecula) and rufous bettong (Aepyprymnus
rufescens), noting urinary spermatozoa exhibiting a stronger motility during the breeding season
compared to the non-breeding season. In the current study, motile spermatozoa were also observed
concurrent with spermatorrhoea for the four males (i.e. M2, M4, M5 and M6) during the sampling
period; hence, there does not appear to be a season or month effect on the characteristics of motile
sperm voided in SHNW urine. Future studies investigating the seasonal changes in motile sperm
density/motility based on studying a larger population of captive male SHNWs are needed to
confirm this. While the cause and significance of the phenomenon of motile sperm in the urine
remain unclear, it was noted that the pH of SHNW urine collected (6.2 ~ 7.1) was in a range
compatible for sperm survival (Keeley et al. 2012).
Neither the mean proportion of aggressive behaviour nor the mean proportion of reproductive
behaviour of six captive male SHNWs exhibited pronounced seasonal changes, even though the
proportion of both behaviours appeared to be elevated between October and February. The lack of
significance of these changes may be related to individual variation but the trend in proportion of
these behaviours suggests an association with the breeding season, as previous studies have defined
the breeding season for SHNW, as occurring between July and December, in both wild (Gaughwin
et al. 1998; Paris et al. 2002; Taggart et al. 2005; 2008) and captive populations (Hogan et al. 2010a,
b; 2011b). The less pronounced seasonality displayed by captive male SHNW housed in central
Queensland might be due in part to changes in photoperiod and differences in environmental
conditions (e.g. elevated ambient temperature, humidity). In addition, these altered environmental
cues might have also shifted or extended the breeding season of these captive male SHNWs beyond
that reported previously, which was confirmed by a successful birth at this facility occurring in
March 2016. This finding is also in line with a shift or extension of breeding season in mainland
captive female Tasmanian devil (Sarcophilus harrisii) held in institutions at greater latitude than
their native habitat of Tasmania (Keeley et al. 2017).
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Previous studies have demonstrated a decrease in plasma testosterone during a period of hierarchy
instability for both the captive male bare-tailed woolly opossum (Caluromys philander; Guillemin
et al. 2000) and the wild male brush-tail possum (Trichosurus vulpecula; Wehi et al. 2006), which
has been suggested to be primarily associated with stress (Holst 1977; Guillemin et al. 2000).
However, neither the mean UTM concentration nor the mean UCM concentration of six captive
male SHNWs varied significantly after the forced change in location and individual wombat
proximity for both trials. Interestingly, observations of SHNW in the field indicate that these
animals may establish some form of social structure in the wild owing to their polygynous mating
system, the male’s tendency to establish and maintain territories, the territories of individual males
showing extensive overlap with the home ranges of females and minimal overlap with other males,
and the display of sharing warren systems at the same time (Wells 1973; Gaughwin 1981;
Gaughwin et al. 1998; Finlayson et al. 2005). Wombat warrens are large structures with a large
number of burrow entrances, so even if wombats occupy the same warren at the same time, they
may not necessarily come into contact with each other, indicating an area of social interaction that
warrants further investigation. Given that the present study appears to be the first to investigate the
social dynamics of male SHNW in captivity, future research is needed to provide deeper insight into
the importance and extent of social organization in this species to optimise captive husbandry and
breeding.
In the current study, the mean percentage of “scratching” decreased significantly at the group level
following the animal exchange for both trials. The performance of this behaviour was also reported
to be associated with space allowance (i.e. enclosure size) by Descovich et al. (2012), with captive
SHNWs living in the large enclosures “scratching” significantly less when compared to those
wombats living in medium or small enclosures, suggesting that such self-grooming had an
appeasing function in the small enclosures. In the present study, there was no apparent difference
between facility 1 and facility 2 in terms of enclosure size nor in enrichment (e.g. substrate, browse,
toys). When combined with the result that mean UCM concentration also did not change
significantly following the animal exchange for both trials, it might be more parsimonious to regard
“scratching” as a behavioural response to novel stimuli, rather than a direct correlate of stress per se.
In trial 1, the mean percentage of “outside activity” and “standing still” were increased and
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“sleeping” was decreased after the animal exchange, whereas the mean percentage of “outside
activity” and “standing still” were decreased and “sleeping” was increased after the animal
exchange in trial 2. These contradictory results could potentially be attributed to an individual
animal effect; for instance, specific neighbours may stimulate outdoor behaviour, leading to
increased active behaviour (e.g. outside activity) and less inactive behaviour (e.g. sleeping).
Consequently, the specific reason for each inverse pattern is not likely to be elucidated given the
limited information obtained from each individual in the present study.
The moderate and positive correlation between UCM concentration and “standing still” behaviour
during the time period of trial 1 may be evidence that supports the theory that a stress-stimulated
rise in GC release results in an increase in the amplitude of behaviours that enhance emotions and
motivation (Dallman et al. 2005; 2006; Smith et al. 2009); hence, “standing still” may serve as a
behavioural response to threatening and/or cognitively meaningful stimuli for captive male SHNW.
The moderate and positive relationship between UTM concentration and “body rub” during the time
period of trial 2 might infer an interplay between testosterone secretion and marking behaviour for
captive male SHNWs, which supports results of previous studies (Fadem et al. 1989; Fadem 1990)
that have indicated a close association between testosterone stimulation and the performance of
various types of marking behaviour (e.g. head marking) in grey short-tailed opossums (Monodelphis
domestica). Notably, M6’s behavioural data for trial 2 were missed owing to camera malfunction, so
that the difference in sample size, together with the season effect (two trials were conducted in
different months of the year), might account for the inconsistency of the results between the two
trials (i.e. significant hormone-behaviour correlations emerged during the time period of trial 1 that
subsequently could not be detected during trial 2 and vice versa). Additionally, the moderate and
negative relationship between UTM concentration and “approach/retreat” during the time period of
trial 2 could also be attributed to the reduced statistical power of our analysis, as these two types of
male-female interaction could have been extensively displayed by M6. With regards to the other
three significant hormone-behaviour correlations (i.e. UTM concentration and “standing still”
during the time period of trial 1, UTM concentration and “wall biting” during the time period of
trial 1 and UTM concentration and “den check” during the time period of trial 2), the generally
weak relationships (r < 0.4) may indicate an indirect association between the hormone and
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behaviour, making it challenging to provide a convincing explanation.
3.5 Conclusion
This study has provided novel insight into captive male SHNW seasonality and appears to be the
first to investigate physiological changes associated with social dynamics. No significant seasonal
variation was reported for mean UTM concentration, mean QS, proportion of aggressive behaviour
and reproductive behaviour over an 11-month period, but mean UCM concentration showed a
gradual increase which continued to the end of the study. Motile spermatozoa were also discovered
in SHNW urine during the sampling period. A forced change in social dynamics failed to induce
any pronounced effect on either mean UTM or mean UCM secretion but significantly reduced the
performance of “scratching” at the group level for captive male SHNWs. UCM and UTM
concentrations were found to be moderately and positively correlated with “standing still” and
“body rub” behaviours during trial 1 and trial 2, respectively, but it is not possible to exclude
additional factors such as temperature and season (summer vs. winter) also influencing these
relationships. Collectively, the results of the current study support the claim that captive male
SHNWs exhibit less pronounced seasonality compared to their wild conspecifics and suggest that (1)
captive management may affect seasonal cortisol secretion pattern in these captive male SHNWs
and (2) social hierarchies within this captive male population might not be present. The lack of a
strong seasonal influence on male reproduction in captive male SHNWs implicates this
phenomenon as a factor that may be related to the relatively low rate of captive breeding success in
this species.
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Chapter 4 - General discussion and conclusion
Discussion and future directions
As the relatively low breeding success in captive southern hairy-nosed wombats is likely to be
attributed to the lack of knowledge of their physiology and behaviour, this research aimed to
provide new insights into reproductive/adrenal physiology and behaviour for captive male SHNWs
via the development and application of multiple non-invasive methods that use urine as the
biological sample. The key findings of this thesis include:
1. Urinary LH as measured using the antibody 518-B7 may not be an appropriate index for
describing the reproductive status in captive male SHNWs.
2. The UTM assay appears to be suitable for the assessment of the testicular steroidogenic capacity
in captive male southern hairy-nosed wombats.
3. The UCM assay appears to be suitable for the assessment of the adrenocortical activity in captive
southern hairy-nosed wombats; sex-related differences in cortisol secretion are also reported for
captive SHNWs.
4. While there appears to be no seasonal variations in QS, aggressive behaviour or reproductive
behaviour in captive male SHNWs, the secretion of UTM is only marginally affected by season.
5. UCM secretion of captive male SHNW is significantly affected by month, reaching a maximum
in August and a minimum in November.
6. Motile spermatozoa are present in captive male SHNW urine, the significance of which remains
equivocal.
7. Forced changes in social dynamics do not have any pronounced effect on either UTM or UCM
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secretion for captive male SHNWs.
8. Scratching behaviour decreased at the group level in captive male SHNWs following animal
relocation.
9. UCM and UTM concentrations are moderately and positively correlated with standing still and
body rub behaviours, respectively.
As indicated in Chapter 3, changes in photoperiod might alter GnRH release patterns via
modulating the expression pattern of Kiss neurons (Revel et al. 2006; Chalivoix et al. 2010), which
could further change testosterone secretion in captive male SHNW. Moreover, previous studies have
suggested that Kiss stimulation of GnRH neurons might act as the ‘neuroendocrine switch for the
onset of puberty’ in mice and primates (Han et al. 2005). In detail, Kiss can not only activate GnRH
secretion at the early stage of post-natal development, but also during the transition to puberty, since
a pronounced increase in the number of Kiss appositions on GnRH neurons and a significant change
in sensitivity to Kiss have been discovered during pubertal transition (Han et al. 2005; Castellano et
al. 2006; Clarkson & Herbison 2006). As the males used in this study (Chapter 3) were either
hand-raised as joeys or brought into captivity as juveniles (T. Janssen Pers. Comm.), it is possible
that their GnRH secretion pattern was altered while they were still sub-adults due to the altered
photoperiod associated with their translocation from South Australia to the central coast of
Queensland, which could further lead to changes in testosterone secretion. Future studies are
therefore required to determine the impacts of changes in photoperiod on testosterone secretion in
captive male SHNW.
Sexual dimorphism regarding cortisol secretion has been described here for the first time in captive
SHNWs (Chapter 2). Generally, females but not males, have slight hypercortisolism, owing to the
modulating capacity of oestrogens on the HPA axis (Magiakou et al. 1997). In detail, oestrogens are
capable of modulating the stress response at both hypothalamic and pituitary levels (Nakano et al.
1991) and the ability that oestrogens as well as oestrogen receptor β could enhance the stimulation
of CRF neurons in the hypothalamus via regulating the CRF gene might contribute to the basis of
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sexual dimorphism (Straub 2007). Therefore, future studies investigating GC secretion in the
SHNW should take sex effects into consideration (e.g. sample size of both sexes ought to be large
enough in order to allow sexual differences to be examined).
In addition, as it has been suggested that captive management could possibly alter GC secretion
pattern in male SHNWs (Chapter 3), it will also be of particular interest to further investigate
seasonal changes in cortisol secretion for captive female SHNW. Since previous studies have failed
to demonstrate any changes in both faecal and urinary oestrogen metabolites in relation to natural
reproductive cycles in female captive SHNWs (Hogan et al. 2010b; Swinbourne et al. 2017), one
could postulate that the altered GC secretion pattern associated with captive environment might be a
potential factor leading to this phenomenon; as GCs are able to reduce the responsiveness of ovaries
to LH via inducing decreases in ovarian LH receptor number (Negro-Vilar 1993; Wingfield &
Sapolsky 2003), altered GC release might affect the oestrogen secretion pattern and result in the
performance of irregular or abnormal reproductive cycle in captive female SHNWs.
Qualitative spermatorrhoea (QS) measurement as used in this study (Chapter 3) has great potential
to assist with the reproductive management of captive male SHNWs. For instance, when SHNW
keepers attempt to pair a male with a female for breeding purposes, those males with active
spermatogenesis and higher QS might be more likely to be chosen, as higher QS could possibly
indicate higher fertility; this index could also be used as a supplementary evidence for assisting with
clinical diagnoses of infertility and sexual maturity.
Although both hormonal (UTM and UCM) and behavioural data from this study have indicated a
lack of evidence of any social hierarchy within the captive male population at AACE (Chapter 3), it
does provide preliminary insight into the social organization of this species and its associated
physiology. We also need to be mindful that the captive environment itself could be negating any
formation or maintenance of social structure in the SHNW population. Nevertheless it has been
suggested by Gaughwin et al. (1998) that male SHNWs can establish small territories in the wild
while females move freely among them; this is not the current practice in captivity so that further
studies are required (where possible) to investigate the effect of more natural housing and social
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interaction conditions that mimics wombat enclosure systems in the wild. In addition, since the
results of this study (Chapter 3) have not shown any apparently negative effects of forced changes
in social dynamics on either hormonal level (UTM or UCM) or behaviour of these captive male
SHNWs, wombat keepers could further consider applying this method into improving the captive
management and even breeding success for captive SHNWs (i.e. the allocation of compatible pairs
for mate selection into the same enclosure by rotating multiple males to facilitate female mate
choice).
One of the most striking findings of the present research was that captive male SHNWs exhibit less
pronounced seasonality compared to their wild conspecifics. The current study has also emphasized
the influence of the captive environment and management on male SHNW’s physiology, in
particular highlighting the lack of a clear pattern of seasonal reproduction and or the influence of a
social hierarchy. Consequently, future studies should endeavour to use urinary steroid hormone
analysis techniques to further investigate the photoperiodic regulation of the HPG axis in both
captive male and female SHNWs, the comparison between captive and wild/male and female
SHNWs in terms of seasonal cortisol secretion and the interaction between the HPA and HPG axes
in this species. In addition, in order to better understand the social organization of this species, more
sophisticated social scenarios, which may allow captive SHNWs to display more complicated social
interaction, are required to be included in the future studies.
Conclusion
In conclusion, this thesis has focused on investigating the physiology and behaviour of captive male
SHNW using non-invasive methods. Firstly, this research biologically validated EIA measurement
of UTM and UCM in captive SHNWs using exogenous GnRH agonist and ACTH agonist
stimulation, respectively; secondly these techniques in combination with non-invasive behavioural
and spermatorrhoea measurement were used to study the seasonal changes and social dynamics
within a captive male population. The outcomes of the research have revealed that (1) captive male
SHNWs exhibit less pronounced seasonality compared to their wild counterparts, (2) captive
management may affect seasonal cortisol secretion pattern in captive male SHNWs and (3) male
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SHNWs may not establish any social hierarchy in captivity; in particular, the lack of a strong
seasonal influence on male reproduction in captive male SHNWs suggests that this phenomenon
may be a cause for the relatively low rate of captive breeding success in this species.
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